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Drivers of carbon and nitrogen cycling, and associated greenhouse gas (GHG) production, 
were investigated in streambed sediments. Research was conducted to address a lack of 
availability of adequate porewater sampling technologies and standard protocols, and to 
determine the effect of temperature, sediment properties and season as primary drivers of 
nutrient cycling and GHG production in the streambed. A high-resolution sampler of nitrate 
isotope and concentration data was developed by confirming diffusive equilibrium in thin-
film (DET) gel samplers did not cause fractionation of nitrate isotopes. An investigation of 
commonly used sampling techniques provided information on the most appropriate samplers 
to use and illustrated that ammonium concentrations vary significantly between sampling 
techniques. Thermal sensitivity of CO2 and CH4 emissions was dependent on sediment type, 
organic matter and geology, with these factors having a major effect. CO2 and CH4 
concentrations were higher in sand than gravel sediments, but season had a minor influence. 
Nitrogen cycling was highest in sand than gravel sediments, resulting in high rates of 
denitrification and low N2O concentrations in the sand sediments. Nitrogen cycling and 
associated N2O concentrations varied greatly with season in gravel sediments. This indicates 
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Chapter 1: Introduction 
1.1 Scientific Rationale 
 
Interest in the biogeochemistry of streams and rivers has been increasing since their 
recognition as ‘active pipelines’1–4, with 0.8 Pg of carbon, up to 50% of that received by 
inland waters, released as CO2 to the atmosphere annually as a result of gas exchange2,4–6. 
Furthermore, streams and rivers play a large role in the nitrogen cycle, and are able to support 
large conversion rates of nitrate to N2 gas, predominantly via denitrification7–10. 
GHGs are produced during nutrient cycling, with CO2 and CH4 formed as end-products 
during respiration11, and N2O formed as an intermediate product in both denitrification and 
nitrification12. The large rates of carbon and nitrogen turnover observed in streams and rivers, 
therefore, result in surface waters which are often supersaturated with CO2, CH4 and N2O, 
with respect to the atmosphere3,13–17, leading to outgassing18. This results in streams and 
rivers being globally important in carbon and nitrogen emissions, with estimated emissions of 
1.8 Pg CO2-C yr-1 3, 26.8 Tg CH4-C yr-1 19, and between 0.1 and 0.68 Tg N2O-N yr-1 20,21, for 
CO2, CH4 and N2O respectively. The CH4 and N2O fluxes are relatively small compared to 
those of CO2, however, the CH4 flux is equivalent to over 25% of the terrestrial carbon sink 
when considered as C equivalents, CH4 fluxes may be regionally significant and stream N2O 
fluxes account for 10% of total anthropogenic emissions, resulting in sustained interest in 
their production in inland waters22,23,21,24. 
Agricultural streams and rivers are ubiquitous across large regions of the world, and 
receive large inputs of nutrients either directly into surface water or through subsurface flow 
paths25. This causes major issues, such as eutrophication, in agricultural catchments resulting 
in decreases in water quality, oxygen availability and stream habitats25–28. Additionally, 
agricultural streams are characterized by large amounts of fine, OM-rich sediment19, which 
promote increases in metabolism and associated carbon dioxide and methane 
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production16,17,19,29–31. This is in contrast to coarse gravel sediments, which may act as a CH4 
sink32. Regulating nutrient concentrations in these environments is therefore of upmost 
importance to the overall health of these ecosystems. 
Streambeds, particularly at the sediment-water interface33–35, are hotspots of biogeochemical 
reactivity4,36–38, characterized by increased residence times and substrate availability39–43. 
This results in enhanced rates of carbon turnover, microbial metabolism and nutrient 
spiraling4,25,36–39,44,45, leading to the streambed being described as the ‘river’s liver’ and 
accounting for 40-90% of total stream metabolism46,47. Additionally, nutrient attenuation and 
denitrification are typically elevated in sediments relevant to surface water48, therefore, 
sediments have the capacity to improve water quality and ecosystem health49–51. Due to 
associated GHG production, however, streambed sediments may support significant 
concentrations of all three major GHGs, with CO2 and CH4 often greater than in the surface 
water52, and potentially significant amounts of N2O released from these environments21,14,53. 
Despite this, however, research has primarily focused on GHGs in the surface water, and as 
such, knowledge of streambed GHG production, and nutrient cycling in general, remains 
insufficiently understood4,6,31,48. 
The limited understanding of biogeochemical processes, despite widespread acceptance of 
their importance, is partially due to a lack of availability of sufficient monitoring 
methodologies25,45,54–56. The development of techniques capturing high-spatial resolution in 
the upper few centimetres of the streambed, where the majority of biogeochemistry occurs33–
35, is particularly crucial45. Techniques to allow sampling of isotopic, as well as, 
concentration data, will also enable improved understanding of mechanistic processes to be 
gained12,57. Developing further methodologies and sampling protocols, along with continuing 
research into streambed biogeochemistry, will allow more efficient management and 
restoration of agricultural streams, and improve ecosystem health and services58–61. 
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1.2 Aims and Objectives of Research 
 
The work presented in this thesis aims to address existing knowledge gaps in streambed 
carbon and nitrogen cycling, through the development of sampling methodologies and 
investigation of biogeochemical processes. The research objectives are: 
1. To address technical sampling difficulties and a lack of standard sampling protocols so 
enabling effective analysis of streambed biogeochemical processes, and to facilitate 
interdisciplinary research in the streambed. 
2. To investigate the environmental drivers of streambed carbon and nitrogen cycling, and 
associated GHG production, focusing on temperature, sediment type and season as key 
proximal drivers. 
1.3 Layout of the Thesis  
 
This thesis is structured so that after the introduction, the next two chapters address research 
objective (1), presenting the development of a new sampling methodology (Chapter 2) and a 
comparison of existing sampling technologies (Chapter 3). The following three chapters 
address research objective (2), through the use of laboratory incubation experiments to 
investigate streambed carbon emissions (Chapter 4), and through in-situ porewater 
observations of carbon (Chapter 5) and nitrogen (Chapter 6) cycling within the sediment of 
an agricultural stream. 
Chapter 2 
Opening Opportunities for High-Resolution Isotope Analysis - Quantification of δ15NNO3- and 
δ18ONO3- in Diffusive Equilibrium in Thin–Film Passive Samplers.   
This chapter aims to develop a novel methodology for high-spatial resolution sampling of 
porewater nitrate concentration and isotopic data. This will enable more detailed process 
information to be investigated than available through concentration data alone, specifically 
focusing on the key biogeochemical interactions occurring at the sediment-water interface. A 
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laboratory experiment was performed to determine whether nitrate sampling via DET gels 
causes fractionation of 15NNO3- and 18ONO3-. Subsequently, an initial field application was 
conducted to illustrate the insight available through the developed methodology. Analysis of 
nitrate isotope samples using the silver nitrate method was performed by staff at the stable 
isotope facility at the British Geological Survey and analysis of samples using the denitrifier 
method was performed by staff at the analytical facilities, University of East Anglia. This 
chapter is published in Analytical Chemistry (DOI: 10.1021/acs.analchem.700028). 
Chapter 3 
A comparison of available field methodologies for nutrient sampling in streambed 
porewaters.  
This chapter aims to investigate and compare common technologies used to sample 
porewaters for the investigation of streambed biogeochemistry. Whether varying techniques 
produce different nutrient profiles, and the advantages and limitations of common 
methodologies will be reviewed, to allow specific research questions to be more effectively 
addressed. A field study of three commonly used sampling techniques was performed by co-
authors and the resulting nutrient concentrations and profiles compared. A literature review 
of the available biogeochemical sampling techniques was then undertaken, focusing on 
sampling details, resolution, advantages and limitations. This work was collaborative with the 
candidate performing the laboratory analysis of the DET gel data, the laboratory comparison 
experiments, all data and statistical analysis, and manuscript preparation. Sample collection 
from the Hammer stream and laboratory analysis of nutrient concentrations from USGS 
Minipoint and multilevel minipiezometer samples was performed by co-authors. 
Chapter 4 
Thermal sensitivity of CO2 and CH4 emissions varies with streambed sediment properties. 
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This chapter aims to determine the effect of multiple controlling factors on potential rates of 
microbial metabolism, and CO2 and CH4 production, from streambed sediments. The effect 
of temperature was investigated, as well as how the temperature effect is influenced by 
sediment type, OM content and geology. Microbial metabolism and carbon emissions were 
determined through laboratory incubations of different sediment types of varying OM 
contents, at increasing temperatures. This work was collaborative with all experimental work 
and analysis performed by the candidate with Paul Romeijn and the statistical inference 
performed by Dr. Ben Marchant. This chapter is published in Nature Communications 
(https://doi.org/10.1038/s41467-018-04756-x).  
Chapter 5 
Sediment type and season as factors controlling nutrient cycling in agricultural streams: Part 
I. Carbon 
This chapter aims to investigate streambed carbon cycling in an agriculturally-impacted 
catchment, focusing on concentrations of CO2 and CH4 within the streambed. Whether CO2 is 
produced within the streambed will also be considered. Sediment type and season were 
investigated as drivers of streambed carbon cycling through porewater sampling in an 
agricultural stream. Porewater samples were analysed for DOC, CO2 and CH4 concentrations, 
and 13CCO2 ratios. Analysis of carbon dioxide isotopes was performed by staff at the Life 
Sciences Mass Spectrometry Facility at the Centre for Ecology and Hydrology. 
Chapter 6 
Sediment type and season as factors controlling nutrient cycling in agricultural streams: Part 
II. Nitrogen 
This chapter aims to examine nitrogen cycling within the sediment of an agricultural stream, 
focusing on rates of denitrification and microbial activity. Their influence on nutrient and 
N2O concentrations will then be investigated. Sediment type and season were considered as 
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drivers of nutrient cycling, denitrification and streambed N2O concentrations. Laboratory 
enzyme activity assays were performed by co-authors to determine rates of microbial activity 
and nutrient uptake in different sediment types. Potential rates of denitrification in the 
sediment types were also considered under varying nutrient conditions. In-situ nutrient 
cycling and associated N2O concentrations were then investigated through porewater 
sampling in an agricultural stream. Porewater samples were analysed for NH4+, NO3-, NO2- 
and N2O concentrations, and 15NNO3-+NO2- and 18ONO3-+NO2- ratios. This work was 
collaborative with the candidate performing the in-situ sampling and subsequent laboratory 
analysis, all data and statistical analysis, and manuscript preparation. The laboratory enzyme 
activity assays were performed by co-authors and the analysis of nitrate isotopes was 
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2.1 Abstract 
 
The fate of nitrate transported across groundwater-surface water interfaces has been 
intensively studied in recent decades. The interfaces between aquifers and rivers or lakes 
have been identified as biogeochemical hotspots with steep redox gradients. However, a 
detailed understanding of the spatial heterogeneity and potential temporal variability of these 
hotspots, and the consequences for nitrogen processing, is still hindered by a paucity of 
adequate measurement techniques. A novel methodology is presented here, using DET gels 
as high-spatial-resolution passive-samplers of 15NNO3- and 18ONO3- to investigate nitrogen 
cycling. Fractionation of 15NNO3- and 18ONO3- during diffusion of nitrate through the DET 
gel was determined using varying equilibrium times and nitrate concentrations. This 
demonstrated that nitrate isotopes of 15NNO3- and 18ONO3- do not fractionate when sampled 
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with a DET gel. 15NNO3- values from the DET gels ranged between 2.3±0.2 and 2.7±0.3‰ 
for a NO3- stock solution value of 2.7±0.4‰, and 18ONO3- values ranged between 18.3±1.0 
and 21.5±0.8‰ for a NO3- stock solution of 19.7±0.9‰. Nitrate recovery and isotope values 
were independent of equilibrium time and nitrate concentration. Additionally, an in-situ study 
showed that nitrate concentration and isotopes, provide unique, high-resolution data that 
enable improved understanding of nitrogen cycling in freshwater sediments. 
The transport and transformation of nitrate across groundwater-surface water interfaces has 
been intensively studied over the past few decades, resulting in the identification of hotspots 
of increased biogeochemical turnover in these areas1–4. However, our understanding of the 
spatial patterns and temporal dynamics of nitrogen processing at the sediment interfaces 
between aquifers and rivers or lakes is still hampered by a critical lack of adequate 
monitoring methodologies5–9. In particular, there is a vital need for in-situ data providing a 
more detailed insight into gradients of nutrient cycling at small spatial scales5. Isotopic data is 
particularly crucial as it is able to provide additional source and process information that 
concentration data alone cannot10,11. Such information is crucial for improving mechanistic 
process understanding of ecosystem functioning across spatial and temporal scales, and to 
support integrated river and groundwater management and restoration so that freshwater 
systems are managed effectively12–15.  
A promising technological advancement has been the emergence of DET gel samplers, to 
passively collect chemical constituents in water, soil and sediment (Figure 2.1). Besides a 
wide range of contaminants, DET gels have been applied to analyse vertical profiles of nitrate 
concentrations at high spatial resolutions of 1 cm, providing significant advantages over 
traditional sampling methods, such as multi-level piezometers14,16–19. Recently, this spatial 
resolution has been further improved to millimetre scale using colorimetry and hyperspectral 
imagery to obtain simultaneous nitrate/nitrite profiles20. The application of DET gels at 
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groundwater-surface water interfaces supports the identification of discrete zones of 
concentrations of nitrate, nitrite and ammonium, including the characterisation of differing 
redox zones and hotspots of biogeochemical reactivity14. DET gels have been used recently 
to investigate coupled nitrification-denitrification and dissimilatory nitrate reduction to 
ammonium, however, no evidence was provided demonstrating there was no fractionation on 
diffusion of nitrate through the DET gel, and only 15NNO3- was considered21,22. 
 
Figure 2.1a. A depiction of the DET gel deployment, showing its position in the sediment and 
diffusion of nitrate molecules from the higher concentration sediment environment into the 
lower concentration DET gel. b. A schematic of the mesocosms at the URL, Montornès del 
Vallès Wastewater Treatment Plant, Montornès del Vallès, Spain used for the in-situ proof of 
concept. Shown are the positions of the DET gels within the vegetation of the flume. 
Here we present a new method, which combines the advantages of high-resolution sampling 
by DET technology with the analysis of nitrate isotope ratios to quantify nitrogen cycling at 
groundwater-surface water interfaces. Recognising the limitations of inferring 
biogeochemical cycling and nutrient dynamics from concentration data alone, we propose the 
use of DET gels as a high resolution, in-situ sampler, of nitrate isotopes in addition to 
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concentration data. The measurement of 15NNO3- and 18ONO3- provides useful information 
on the processes controlling nitrate concentrations in hotspots of biogeochemical turnover in 
areas such as aquifer-lake or aquifer-river interfaces10. Additionally, the sources of nitrate 
measured may be identified, as nitrate from differing sources often has distinct isotopic 
values of 15NNO3- and 18ONO3-, enabling identification of nitrate sources affecting freshwater 
systems10. This combination of high-resolution sampling and process inference from tracer 
analysis provides significant potential for increasing our understanding of hotspots of 
biogeochemical turnover and differing redox zones in the HZ, therefore, allowing more 
effective management of freshwater systems. 
2.2 Experimental 
 
Laboratory experiments were performed to determine the potential for fractionation of 
15NNO3- and 18ONO3- during the diffusion of nitrate through DET gels. Thereby, during 
laboratory experiments, the influences of two key controls were investigated for their impacts 
on fractionation; (1) the concentration of nitrate in the initial solution, and (2) the time 
allowed for diffusive equilibrium of the nitrate from the initial solution into the DET gel. An 
initial proof of concept study was conducted using an isotope technique requiring 1 mg NO3--
N resulting in the requirement of high nitrate concentrations (up to 7.0 g NO3- l-1). 
Subsequently, a more environmentally relevant experiment was performed to verify the 
results, using an isotope technique requiring 0.7 mg NO3--N, and therefore, much lower 
nitrate concentrations between 20.1 and 100.5 mg NO3- l-1 could be used. A field trial was 
then conducted to demonstrate the additional insight gained through high spatial resolution 
15NNO3- and 18ONO3- data, in addition to nitrate concentration data, this was also conducted 
using the isotope technique requiring 0.7 mg NO3--N. 
2.2.1 Laboratory experiments 
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2.2.1.1 Proof of Concept study 
 
2.2.1.1.1 Equilibration of DET gels in nitrate solutions: 
A 3x4x0.2 cm polyacrylamide DET gel (Diffusive Gradient in Thin-film (DGT) Research 
Ltd), was immersed in an unagitated 100 ml solution of known NO3- concentration, in an 
acid-washed (10% HCl) beaker. Solutions of 3.3±0.0, 4.8±0.0 and 7.0±0.1 g NO3- l-1 were 
used, with each concentration being equilibrated for three different time periods: 24, 48 and 
168 hours. A river sample spiked with nitrate (7.0±0.0 g NO3- l-1) was also used to test for 
matrix effects; the river sample was collected from the River Tern, UK and filtered (0.2 µm). 
All experiments were performed in triplicate, and the concentration of the stock solution was 
compared to that of the solution in the beaker after the gel was removed. A concentration 
97.7% that of the stock solution was expected due to the gel volume being 2.3% of the 
solution volume. The solution concentrations were found to be 95.0±3.0% that of the stock 
(n=12). 
2.2.1.1.2 Back-equilibration from DET gels: 
At the end of the equilibration period DET gels were removed from solution and weighed in 
a pre-weighed centrifuge tube to determine the weight of each gel. The solution volume of 
each gel was calculated from the weight multiplied by the assumed water content of the 
saturated gel (95%). 25 ml of ultrapure water was added to each gel and the gels were shaken 
on a reciprocating shaker for 24 hours, after which the gels were removed, and the back-
equilibrated samples frozen for chemical analysis. Nitrate concentrations were determined 
using ion chromatography (Dionex ICS1100), standards were used as quality controls and 
gave an accuracy of 0.4 mg l-1, precision of ±0.4 mg l-1, and a limit of detection (LOD) of 0.5 
mg l-1. 
2.2.1.2 Laboratory experiment at environmentally relevant concentrations. 
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The proof of concept experiment outlined above was repeated to investigate isotope 
fractionation at environmentally relevant nitrate concentrations, using an equilibration time of 
24 hours. Solutions of 20.1±0.0, 50.8±0.2 and 100.5±0.3 mg NO3- l-1 were used, as well as a 
filtered (0.2 µm) river sample (Wood Brook, Mill Haft, UK) with a concentration of 23.1±0.0 
mg NO3- l-1. During back-equilibration 20 ml of ultrapure water was added to each gel, and 
nitrate concentrations were determined on a Continuous Flow Analyser (Skalar Sans++). 
Standards were used as quality controls and gave an accuracy of 0.4 mg NO3- l-1, precision of 
±0.1 NO3- l-1, and an LOD of 0.9 mg NO3- l-1. The concentration of the stock solution was 
compared to that of the solution in the beaker after the gel was removed. A concentration 
97.7% that of the stock solution was expected due to the gel volume being 2.3% of the 
solution volume, and solution concentrations were found to be 96.8±1.1% that of the stock 
(n=4). 
2.2.2 In-situ field trial 
 
2.2.2.1 Field Trial Study site: 
 
For a field trial, proving the concept of DET isotope analysis in sediments, gel probes were 
deployed at the URL located at the Montornès del Vallès Wastewater Treatment Plant, 
Montornès del Vallès, Spain. The mesocosm flumes are 12 m long, 0.74 m wide, and 0.47 m 
deep (Figure 2.1), with waste water treatment effluent flowing into the channel. The flumes 
are filled to 20 cm depth with gravel and planted with Iris pseudacorus. Flow conditions 
were sub-surface during installation of the DET gels, after 49 hours a flood event was 
simulated, creating 8 cm surface flow, which lasted for the remaining 16 hours of the gel 
deployment. 
2.2.2.2 DET probe deployment in sediments: 
 
Three 0.16 x 15 x 1 cm DET gels (DGT Research) were deployed for 65 hours in the 
vegetated zone of the flume (Figure 2.1). The deployment period exceeded estimated 
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exposure times required to ensure concentration equilibrium by diffusion in order to account 
for resettling of any potential sediment disturbances during the probe deployment. Gel 1 was 
deployed closest to the inflow: 3.86 m from the beginning of the flume. Gel 2 was deployed 
1.15 m downstream of gel 1, and gel 3 was deployed 3.19 m downstream of gel 2, and 3.80 m 
from the end of the flume (Figure 2.1). 
All gels were extracted from the sediment within 10 minutes, and immediately sliced at 2.5 
cm intervals within 40 minutes. The DET gels were sliced (ultrapure water-rinsed blade), on 
an acid-washed (10% HCl) chopping board. Once sliced, the gels were placed into 50 ml 
centrifuge tubes and stored at 4°C. 
2.2.2.3 DET gel probe processing: 
 
The DET gels were back-equilibrated, on ice, with 6 ml ultrapure water on a reciprocating 
shaker for 24 hours. Once equilibrated the gels were removed and weighed, the resulting 
solution was then filtered (0.2 m) and frozen for later analysis. Samples were analysed for 
nitrate concentration on a continuous flow analyser (Skalar San++), standards were used as 
quality controls and gave an accuracy of 0.1 mg NO3- l-1, precision of ±0.1 NO3- l-1, and an 
LOD of 0.9 mg NO3- l-1. 
2.2.3 Isotope Analysis 
 
For the laboratory proof of concept experiments the nitrate was extracted from the samples 
using anion and cation exchange columns, and converted to silver nitrate using the method in 
Chang23 and Heaton24 or a modified version of this as subsequently described. For river 
samples with the presence of interfering anions, the method by Chang23 and Heaton24 was 
used; for the pure NO3- solutions, the samples were not passed through anion and cation 
exchange columns. Instead the nitrate was converted to silver nitrate and the above method 
used from the point of adding the first batch of Ag2O. The silver nitrate was analysed by 
mass spectrometry as in Heaton24. The international isotope reference materials used for 15N 
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were International Atomic Energy Agency (IAEA)-N-1 and IAEA-N-2, with 15N values vs 
air of +0.4 and +20.4‰, respectively, with a measurement precision of ±0.3 and ±0.5‰, 
respectively. The international isotope reference materials used for 18O were IAEA-NO3-, 
United States Geological Survey (USGS)-34 and USGS-35, with 18O vs standard mean 
ocean water of +26.0, -28.0 and +56.4‰, respectively, with a measurement precision of ±1.2, 
±1.7 and ±1.9‰, respectively. Analysis was performed at the NIGL, BGS. 
For the laboratory experiment at environmentally relevant concentrations and the field study 
data, the denitrifier method was used as this requires a lower mass of nitrate for analysis (0.7 
g NO3--N)25,26. This method utilises denitrifying bacteria to convert sample nitrate to N2O, 
with a long-term measurement precision of ±0.3 and ±0.4‰ and an accuracy of 0.0 and 0.0‰ 
for 15NNO3- and 18ONO3-, respectively, and a measurement limit of 2 M NO3-. The 
international isotope reference materials used were IAEA-NO3-, USGS-34 and USGS-35, 
with 15N of +4.7, -1.4 and +3.4‰, respectively, with a measurement precision of ±0.3, ±0.6 
and ±0.5‰, respectively, and 18O of +25.7, -28.0 and +57.4‰, respectively, with a 
measurement precision of ±0.7, ±0.6 and ±0.6‰, respectively. Analysis was performed by 
the Analytical Facilities, University of East Anglia. 
2.3 Results and Discussion 
 
2.3.1 Laboratory experiments 
 
2.3.1.1 Nitrate concentrations from DET gels: 
 
Nitrate concentrations were recovered from the DET gels with ranges between 3.6±0.1 and 
3.7±0.1 for a 3.3±0.0 g NO3- l-1 stock solution, between 5.2±0.3 and 5.3±0.1 for a 4.8±0.0 g 
NO3- l-1 stock solution, between 6.7±0.1 and 6.9±0.0 for a 7.0±0.1 g NO3- l-1 stock solution, 
and 6.3±0.0 and 6.8±0.1 for a 7.0±0.0 g NO3- l-1 spiked river sample (Table 2.S-1). The 
nitrate concentration data showed that all of the experiments reached equilibrium with a 
nitrate recovery between 90.4±0.3 and 112.1±4.0%, which was independent of equilibrium 
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time with a fitted linear model having an adjusted R2 value of -0.01, and p-value of 0.96 
(Figure 2.S-1). The concentration appears to have affected the recovery of nitrate with a fitted 
linear model having an adjusted R2 value of 0.80, and p-value of 0.00 (Figure 2.S-1). 
However, despite the large adjusted R2 value, solution concentrations of 3.3±0.0 and 4.8±0.0 
g NO3- l-1 showed similar recoveries, even though one solution is only 70% of the 
concentration of the other, which is unexpected if there is a strong dependence of nitrate 
recovery on concentration. The observed recoveries were all between 90.4 and 112.1% and 
we believe the differences to come from varying dilution factors between the lowest and 
highest concentrations used, as solutions of 7.0 g NO3- l-1 were diluted by the same factor, 
which was twice that of the solutions of concentration 3.3 and 4. 8 g NO3- l-1, which were also 
diluted by the same factor, to allow for machine analysis. The nitrate recoveries observed 
were, therefore, independent of initial solution concentration. This was supported by the 
independence of recovery and initial solution concentration when performing the 
environmentally relevant concentration experiments (Table 2.S-1). These yielded nitrate 
recoveries between 99.4 and 105.2%, showing that equilibrium was reached in each case. A 
fitted linear model gave an adjusted R2 value of -0.3, and a p-value of 0.64, showing that the 
nitrate recovery was independent of initial solution concentration. 
The independence from equilibration time evidenced that as long as equilibrium is reached, 
the time the gel is left in solution should not affect nitrate recovery, and that the DET gels 
were expected to equilibrate by 24 hours. When utilising the DET gels in-situ the deployment 
time should be longer than the equilibrium time required for the gel thickness used. This is 
because the natural conditions of the system need to be re-established after gel deployment. 
Field deployment times for DET gels of 72 hours have been recommended previously14. 
The high nitrate concentrations used in these experiments (up to 7.0 g NO3- l-1), resulted from 
practical limitations of the isotope analysis method used in the proof of concept study, which 
 23 
required a minimum of 1 mg NO3--N. As evidenced by our results, these high concentrations 
did not prevent the reaching of equilibrium by diffusion into the gel. This proves that DET 
gels can also be applied in high nitrate conditions (e.g. artificial wetlands, wastewater 
treatment plant outputs), as the recovery of nitrate was not dependent on the solution 
concentration. It is acknowledged that the large nitrate concentrations used here, due to 
method limitations, are much higher than those found in most natural environments, 
therefore, the experiment was repeated with environmentally relevant concentrations as 
discussed above. 




Figure 2.2a. 15NNO3- plotted against equilibrium time for DET gel solutions equilibrated in 
KNO3 solutions, b. 18ONO3- plotted against equilibrium time for DET gel solutions 
equilibrated in KNO3 solutions, c. 15NNO3- plotted against equilibrium time for DET gel 
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solutions equilibrated in nitrate-spiked river solutions, d. 18ONO3- plotted against 
equilibrium time for DET gel solutions equilibrated in nitrate-spiked river solutions. The grey 
shaded areas represent the measurement error of the stock solutions used for equilibration 
(=1). 
The 15NNO3- for the nitrate solutions were the same as that of the stock solution, within error, 
with a range between 2.3±0.2‰ and 2.7±0.1‰, compared with 2.7±0.4‰ of the stock 
(Figure 2.2). The nitrate-spiked river water had a different 15NNO3- value, 2.3±0.5‰, than 
that of the nitrate solutions; this was expected as distinct sources of nitrate have different 
15NNO3- and 18ONO3- values. The 15NNO3- for the river solutions equilibrated for 24 and 48 
hours were found to be the same as the stock, within error, with 15NNO3- of 1.8±0.7‰ and 
1.7±0.1‰, respectively. 15NNO3- for 168-hour equilibrium time was lower than the stock 
with a value of 1.5±0.1‰, however, this was not a statistically significant difference (paired 
t-test, p-value = 0.16). 
2.3.1.2.2 18ONO3- 
The 18ONO3- of the nitrate solutions were predominantly found to be the same as that of the 
stock solution, within error, with a range between 18.3±1.0‰ and 20.8±1.0‰, compared 
with 19.7±0.9‰ of the stock (Figure 2.2). The measured 18ONO3- value for the 168-hour 
equilibrium time with a stock solution of 4.8 g NO3- l-1 was higher than the stock at 18ONO3- 
21.5±0.8‰, however, this was not a statistically significant difference (paired t-test, p-value 
= 0.095). The 18ONO3- for the river solutions equilibrated for 48 and 168 hours were found to 
be the same as the stock, within error, with 18ONO3- of 19.9±1.2‰ and 20.1±0.4‰, 
respectively, compared with 20.2±0.2‰ of the stock. 18ONO3- for 24-hour equilibrium time 
was higher than the stock at 21.1±0.3‰, and this was found to be statistically significant 
(paired t-test, p-value=0.01). 
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This is believed to be due to the unusually small measurement error in the stock solution 
(0.2‰), as the lowest value the 24-hour sample could be is 20.8‰ and the highest value the 
stock could be is 20.4‰, which are similar values and would not otherwise be interpreted as 
having fractionated. This is evidenced by the uncertainty found in the International Energy 
Agency-NO3- standard of 0.85 and 1.46‰ (from multiple analyses), showing that two results 
within this range cannot be distinguished using this technique. 
2.3.1.3 Determination of fractionation 
 
The analysis of 15NNO3- and 18ONO3- revealed no significant difference between the values of 
the stock solution and those of the gel solutions. We, therefore, found no evidence of 
fractionation during the process of nitrate diffusion into and out of the gel during equilibrium 
and back-equilibrium. This also demonstrates that solution concentration and equilibrium 
time did not affect 15NNO3- and 18ONO3- (Figure 2.2). There was also no relationship between 
the 15NNO3- and 18ONO3- of the gel solution and nitrate recovery, with fitted linear models 
for the KNO3 for 15NNO3- and 18ONO3- with adjusted R2 values of -0.050 and 0.058, and p-
values of 0.46 and 0.26, respectively, and fitted linear models for the river samples with 
adjusted R2 values of -0.80 and -0.051, and p-values of 0.79 and 0.52, respectively. This 
again indicated that equilibrium was reached, and no fractionation was caused by diffusion 
(Figure 2.S-2). 
This was also shown in most cases for additional environmentally relevant concentration 
experiments (outlined previously). Gel solutions of NO3- had 15NNO3- values between 
0.1±0.3 and 0.5±0.3‰ for a stock value of 0.1±0.3‰, and a 18ONO3- value for a 100.5 mg 
NO3- l-1 solution of 22.3±0.4‰ for a stock value of 22.0±0.4‰. The 18ONO3- values for 20.1 
and 50.8 mg NO3- l-1 solutions were outside of the stock’s error, both having values of 
23.0±0.4‰. These were found to be significantly different to the stock (paired t-test, p-value 
= 0.022 and 0.000, respectively, for 20.1 and 50.8 mg NO3- l-1), however, this is believed to 
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be due to the small standard deviation of sample replicates (n=3), of 0.2, 0.0 and 0.0‰, 
respectively, for 20.1 and 50.8 mg NO3- l-1, and the stock. Given that the difference between 
the highest value the stock ratio could be and the lowest value the solution ratio could be is 
only 0.2 for both solutions, this would not usually be considered fractionated. This is 
evidenced by the long-term reproducibility of the isotope technique, which is ±0.4‰, 
showing that two results within this range cannot be distinguished using this technique. The 
river sample had a 15NNO3- value of 10.3±0.3‰ for a stock of 10.2±0.3‰ and a 18ONO3- 
value of 4.7±0.4‰ for a stock of 4.2±0.4‰. 
The nitrate-spiked river samples were used to test for any matrix effects, which may affect 
15NNO3- and 18ONO3- values when this method is utilised in-situ. There was no fractionation 
of 15NNO3- and 18ONO3- in the river water samples, confirming the applicability of this 
method in environments where interfering ions are present. 
2.3.2 Concentration and Isotope analysis from in-situ DET application 
 
Three example profiles of in-situ DET sampling are discussed as proof of concept for the 
proposed combined DET-isotope methodology. The DET gels captured a large range of 
nitrate concentrations and 15NNO3- and 18ONO3- values in a 15 cm profile (Table 2.S-2, 
Figure 2.3), with all nitrate concentrations from the DET gels (18.6±0.1 to 82.5±0.9 mg NO3- 
l-1) greater than that of the average inflow concentration of nitrate (13.4±0.7 mg NO3- l-1). The 
largest concentration range was observed in gel 2, with a minimum of 20.0±0.1 mg NO3- l-1 at 
11 cm depth, to a maximum of 82.5±0.9 mg NO3- l-1 at 1.25 cm depth. The largest range of 
15NNO3- and 18ONO3-, was shown in gels 1 and 2, respectively. 15NNO3- values in gel 1 
ranged from 0.2±0.3‰ at 11 cm depth to 17.9±0.3‰ at 3.75 cm depth, and 18ONO3- values in 
gel 2 ranged from -9.9±0.4‰ at 1.25 depth to 9.3±0.4‰ at 6.25 cm depth. These results 
highlight the ability of DET gel-based passive sampling to capture hotspots of 
biogeochemical activity and spatially small redox zones, which would be missed with more 
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traditional methods i.e. multi-level piezometers, as was found previously with nitrate 
concentrations14. This is particularly shown in profile 1, where there appears to be an area of 
denitrification at 3.75 cm, indicated by low nitrate concentration combined with high 
15NNO3- and 18ONO3- values. Concentrations at all depths in gel 1 vary over a small range 
between 37.3±0.4 and 47.4±0.4 mg NO3- l-1, except for at a depth of 3.75 cm, where the 
concentration has decreased to 18.6±0.1 mg NO3- l-1. 
Figure 2.3. DET gel profiles from an in-situ deployment in gravel-filled mesocosms at the 
URL, Montornès del Vallès Wastewater Treatment Plant, Montornès del Vallès, Spain. a-c. 
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Concentration of nitrate plotted against depth for gels 1-3, d-f. 15NNO3- ratios plotted against 
depth for gels 1-3, g-i. 18ONO3- ratios plotted against depth for gels 1-3. 
This is also reflected in the isotopic data where 15NNO3- varies over a small range between 
0.2±0.3‰ and 3.3±0.3‰, except at 3.75 cm, where the 15NNO3- value has increased to 
17.9±0.3‰, and 18ONO3- varies over a small range between -2.3±0.4‰ and -3.5±0.4‰, 
except at 3.75 cm where the 18ONO3- value has increased to 11.4±0.4‰. 
The analysis of vertical profiles of nitrate isotope ratios and concentrations indicate 
differences in concentration patterns at the three locations (Figure 2.3). Gel 1 shows slightly 
higher concentrations at greatest depths (43.4±0.5 to 47.4±0.4 mg NO3- l-1) compared to the 
shallowest depth (37.3±0.4 mg NO3- l-1), with a local minimum of 18.6±0.1 mg NO3- l-1 at 
3.75 cm. This could be due to zones of nitrification associated with the mineralisation of 
nitrogen from the macrophytes14,27–29. The 15NNO3- and 18ONO3- profiles show little variation 
with depth, only varying between 0.2±0.3‰ and 3.3±0.3‰, and -2.3±0.4‰ and -3.5±0.4‰, 
respectively, except at 3.75 cm where there is a large increase in 15NNO3- to 17.9±0.3‰ and 
18ONO3- to 11.4±0.4‰. Although similar, 15NNO3- values between 6.25 and 11 cm depth do 
decrease with depth, perhaps pointing to the onset of denitrification at 6.25 cm depth. The 
combination of low nitrate concentration, with high 15NNO3- and 18ONO3- values is indicative 
of denitrification, therefore, there appears to be a localised zone of denitrification at 3.75 
cm30.   
In gel 2 an overall decrease in nitrate was observed at greater depths than in gel 1, although 
there was a concentration of 46.9±0.3 mg NO3- l-1 at 14.25 cm, which was intermediate of the 
concentrations found at 1.25 and 3.75 cm (82.5±0.9 and 72.4±0.7 mg NO3- l-1, respectively) 
and 6.25 to 11 cm (20.0±0.1 to 22.4±0.2 mg NO3- l-1). The 15NNO3- values showed little 
variation between the shallowest and the largest depth; 15NNO3- was slightly higher at the 
greatest depth than at the shallowest depth, with values of 5.1±0.3‰ and 2.7±0.3‰, 
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respectively, and the lowest 15NNO3- value of 0.9±0.3‰ was found at 3.75 cm depth. The 
shallowest depth 18ONO3- values were also lower than at the greatest depth, however, the 
difference from -9.9±0.4‰ to -0.9±0.4‰, was greater than seen for 15NNO3-. A substantial 
increase in 15NNO3- values was observed between 6.25 and 11 cm depth, with values between 
16.8±0.3 and 16.9±0.3‰. This large increase was also present in the 18ONO3- profile, where 
peak concentrations range between 8.6±0.4‰ and 9.3±0.4‰, between 6.25 and 11 cm. In 
combination with 15NNO3- and 18ONO3- values, the concentrations observed at these depths 
indicate denitrification. 
Vertical variation of nitrate concentrations in gel 3 seems to be minimal, with a narrow 
concentration range of 22.2±0.2 to 33.1±0.2 mg NO3- l-1 for the whole 15 cm gel. It is worth 
noting that the maximum concentration found in gel 3 is at 1.25 cm, which is the same as is 
found in gel 2. The 15NNO3- and 18ONO3-  values in gel 3 did not cover as wide a range as in 
gels 1 and 2; the range in 15NNO3- and 18ONO3- here was just 11.6±0.3 to 16.8±0.3‰, and 
4.1±0.4 to 12.4±0.4‰, respectively. 15NNO3- values showed little variation ranging from 
11.6±0.3 to 14.2±0.3‰, at all depths except 3.75 and 11.25 cm, where two areas of higher 
15NNO3- values were found, with values of 16.8±0.3 and 16.5±0.3‰, respectively. These 
high 15NNO3- values at 3.75 and 11.25 cm, were not reflected in the 18ONO3- data, which 
showed a higher 18ONO3- value of 12.4±0.4‰ at 8.75 cm depth, with all other depths having 
similar 18ONO3- values between 4.1±0.4 and 7.7±0.4‰. The profile shows low nitrate 
concentrations with high 15NNO3- and 18ONO3- values for all depths, indicating denitrification 
throughout the profile. Considering 15NNO3-:18ONO3- is also useful in identifying areas of 
denitrification, with a ratio between approximately 2.1-2.5 considered indicative of 
denitrification10. In gel 3 this ratio is found at depths of 3.75, 6.25, 11.25 and 13.75 cm, 
where the 15NNO3-:18ONO3- is 2.3, 2.1, 2.2 and 2.4, respectively, providing further evidence 
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of denitrification. This denitrification throughout the profile is likely related to an overall 
increase in denitrification towards the downstream end of the flume as the residence time of 
the porewater and nitrate increased, and due to the cumulative effect of vegetation described 
previously. 
Generally, enhanced denitrification appears to be correlated with the occurrence of vegetation 
in the flume, which has been previously observed to particularly affect depths between 5-12 
cm27,28. Possible mechanisms by which vegetation enhances sediment denitrification can be 
of biotic or abiotic nature, generally leading to high biogeochemical reactivity31. These 
include, uptake by macrophytes, increased surface water downwelling, and enhanced 
residence times of water in the sediment that are facilitated by vegetation, and may, therefore, 
have led to the increased denitrification seen here3,28. Similar zones of vegetation-associated 
denitrification were found in the River Leith, UK28. Nitrate concentrations ranging from 0.05 
to 7.31 mg NO3--N l-1 were found in vegetated areas, compared to 0.41 to 9.83 mg NO3--N l-1 
in non-vegetated areas, indicating denitrification associated with the vegetation. 
Horizontal patterns along the flume indicate a general trend of denitrification with an 
increased observation of low nitrate concentration samples from gel 1 through to gel 3, 
combined with an increased frequency of high 15NNO3- and 18ONO3- values. This 
longitudinal profile is overlain by local effects, where hotspots of biogeochemical reactivity 
can be seen, thought to be influenced by the vegetation effect described previously. 
Comparing the gel data to the nitrate concentration of the inflow shows an increase in nitrate 
from the inflow to the sub-surface water of the flume, indicating net nitrification within the 
flume itself. This is the opposite of the denitrification trend shown by the gel profiles, and 
seems to show high nitrification within the flume, even upstream of the first gel, which 
increased nitrate concentrations before these decreased again through denitrification. 
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The in-situ results of the DET gel and isotope method presented here, have allowed the 
investigation of detailed processes at a spatial scale, which exceeds that of previous studies. 
Particularly, hotspots of denitrification were easily identified using both concentration and 
isotope data. The isotopic data were invaluable in showing that the gel profiles indicated 
generally high nitrate concentrations, with zones of denitrification leading to low nitrate 
concentrations. This is in contrast to the concentration data alone, which along with the 
inflow concentration, indicates varying degrees of nitrification in the gel profiles. This is 
increasingly important in the study of nutrient fate at aquifer and river or lake interfaces; 
research areas that are often limited by a lack of sufficient monitoring methods. Thus, this 
field trial has successfully demonstrated the value of this new approach for in-situ 
applications. 
To assess natural waters in which this DET-isotope technique could be applied, the 
concentration of nitrate in porewaters needed to provide a solution of 50 nmol NO3- required 
to perform the isotope analysis was calculated. Using a 1.56 mm thick DET gel and slicing at 
1 cm would require a porewater nitrate concentration of 10.5 mg l-1 and slicing at 2.5 cm 
would reduce this to 4.2 mg NO3- l-1. The nitrate concentrations required limit this technique 
to sediments in non-pristine environments3,32. 
2.4 Conclusions 
 
The laboratory proof of concept demonstrates that 15NNO3- and 18ONO3- do not fractionate 
when sampled with a DET gel. Nitrate recovery and 15NNO3- and 18ONO3- values were 
independent of both equilibrium time and nitrate concentration, suggesting the applicability 
of DET technology for sampling isotope ratios from sediment porewater at high spatial 
resolution. 
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Additionally, the in-situ application of DET gel probes in a field trial provide evidence of the 
potential of this methodology to sample nitrate concentration and isotopic data with DET 
technology in the field at higher resolution than previously possible. 
Based on the promising results of the presented lab and field trials we recommend the 
application of this combined methodology at aquifer-river and aquifer-lake interfaces in order 
to enhance mechanistic process understanding of hotspots in nitrogen cycling. Future 
research may elaborate to what degree the application of the proposed methodologies can be 
extended also to brackish and marine systems. 
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Figure 2.S-1a. The nitrate recovery (%) obtained from the laboratory DET gel experiments 
plotted against equilibrium time (hrs), the fitted linear model has an adjusted R2 of -0.01, and 
p-value of 0.96, b. The nitrate recovery (%) obtained from the laboratory DET gel 
experiments plotted against concentration (g l-1), the fitted linear model has an adjusted R2 of 
0.80, and p-value of 0.00, and c. The nitrate recovery (%) obtained from lower concentration 
DET gel experiments plotted against concentration (mg l-1), the fitted linear model has an 




Figure 2.S-2a. Nitrate recovery plotted against 15NNO3- for DET gel solutions equilibrated in 
KNO3 solutions, the fitted linear model has an adjusted R2 of -0.050 and a p-value of 0.46, b. 
Nitrate recovery plotted against 18ONO3- for DET gel solutions equilibrated in KNO3 
solutions, the fitted linear model has an adjusted R2 of 0.058 and a p-value of 0.26, c. Nitrate 
recovery plotted against 15NNO3- for DET gel solutions equilibrated in nitrate-spiked river 
solutions, the fitted linear model has an adjusted R2 of -0.8 and a p-value of 0.79, d. Nitrate 
recovery plotted against 15NNO3- for DET gel solutions equilibrated in nitrate-spiked river 






Table 2.S-1. Nitrate concentration, nitrate recovery and nitrate isotopes from laboratory 
DET gel experiments, the top table shows the results from the primary experiments at high 
concentration, the bottom table shows the data from the lower concentration experiments. 










Table 2.S-2. Nitrate concentration and nitrate isotopes for three DET gels deployed into the 
gravel sediment of a vegetated mesocosm at the URL, Montornès del Vallès Wastewater 
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The HZ is the transition region within the streambed, where groundwater and surface water 
mix, creating unique environmental characteristics, which result in the HZ being a ‘hotspot’ 
of biogeochemical activity. Despite this, streambed biogeochemical processes remain poorly 
understood, in part due to difficulties associated with sampling porewater from the 
streambed. This paper provides a critical assessment of the key techniques available for 
streambed porewater sampling to investigate biogeochemical cycling. Nitrate and ammonium 
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concentration profiles from three sampling techniques (multilevel mini-piezometers, DET 
gels and USGS Minipoint samplers) were compared to identify key differences in profiles 
obtained through the use of these different techniques. We found that nitrate concentrations 
did not differ significantly between methods, however, ammonium concentrations did, and 
tended to be greatest using multilevel mini-piezometers and smallest using USGS Minipoint 
samplers. Subsequently, we present a review of the available techniques for streambed 
biogeochemical sampling, including the achievable spatial and temporal resolution, and 
advantages and limitations, of each technique. This review aims to provide guidance of the 
most appropriate sampling method to answer specific research questions, and address gaps 
within our understanding and knowledge of streambed biogeochemistry. This has wide 
implications for interdisciplinary HZ research, which has typically suffered from a lack of 
systematic sampling protocols.  
3.2 Introduction 
 
Ecohydrological and biogeochemical process dynamics in streambed environments have 
recently received increasing attention by the research community, regulators, policy makers 
and restoration organisations1–4. This increasing interest is due to the observation of 
‘hotspots’ and ‘hot moments’ of biogeochemical reactivity in the HZ, where surface water 
and groundwater mix3,5,6. This mixing produces unique physical characteristics of, for 
example, pH, temperature and flow, which enable the HZ to support a large proportion of the 
microbial stream community2. Streambed environments, therefore, are characterised by high 
rates of microbial activity, enhanced nutrient cycling and steep redox gradients, leading to its 
description as the “river’s liver” 2,7–10. 
The investigation of streambed biogeochemical processes, in particular, requires the sampling 
(extraction) and analysis of interstitial porewaters, at multiple spatial and temporal scales. 
However, despite the growing volume of interdisciplinary research in the HZ, there remains 
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controversy and a lack of systematic protocols for sampling methodologies to facilitate 
transferability between studies3. Sampling, as well as data interpretation, therefore, can be 
challenging11,12. Current standard techniques have had varying success with adequately 
capturing nutrient conditions across the respectively relevant spatial and temporal scales, and 
selecting the most appropriate methodology for a specific research question remains a 
challenge. 
Standard porewater sampling methodologies have typically been developed to address 
subject-specific research questions and the challenges of working with sediments, which are 
consolidated to different degrees. Thus, we are confronted with a range of different porewater 
sampling methods and variations of how these methods are applied in practice. Depending on 
the application, the chosen methods may be based on permanent (e.g. piezometers) or 
temporary (e.g. USGS Minipoint samplers (Minipoints from here onwards)13,14) installations 
(Figure 3.1). While the extraction of porewater samples warrants the capturing of a snap shot 
in time only, the spatial and temporal resolutions vary significantly between Minipoints with 
discrete, high-resolution depth sampling and often permanently installed, single well 
piezometers with large (up to several 10s of cm) screened sections (Figure 3.1). Hence, 
extracted sample volumes vary from a few millilitres to several litres11–13,15–19, as well as, 
maximum sampling depths (mm’s to 200 cm) and sampling intervals (mm’s to >10 cm) 
(Figure 3.1)3,12,13,15,17,19–22.  
Sampling techniques developed for extracting porewater samples for biogeochemical analysis 
predominantly focus on the upper metre of the streambed, often targeting the top 20 cm at a 
higher spatial resolution12,13,20,22. Sampling techniques may be active (through the application 
of negative pressure) or passive (based on diffusion), with a wide range of different sample 
volumes extracted. The vertical scale achievable depends heavily on the technique used, e.g. 
screened piezometer vs multilevel mini-piezometer, and the volume of porewater extracted. 
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There are many porewater sampling methods available for biogeochemical investigation, 
which include multilevel mini-piezometers, Minipoints and DET gels (Figure 3.1). 
 
Figure 3.1.  A conceptual diagram showing the practical setup of the main biogeochemical 
streambed sampling techniques of single well piezometers, DET gels, USGS Minipoint 
samplers, and multilevel mini-piezometers. Also shown are the vertical coverage and 
horizontal footprint of the samplers. 
This paper aims to compare the information achieved with the most frequently used of the 
aforementioned methods, in particular with regards to their ability to capture nutrient patterns 
in streambed porewaters across a stream reach at varying spatial resolution. We, therefore, 
analyse the depth-related variability in streambed nitrogen concentrations captured by three 
different sampling methods. We present data from a comparative field study comprising 
multilevel mini-piezometers, Minipoints and DET gel probes applied to sample streambed 
porewater for analysis of different nitrogen fractions. These field experiments are 
complemented by a laboratory control experiment comparing NH4+ concentrations gained 
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from multilevel piezometers and DET gels, to elaborate on observed differences in field 
applications.  Based on these observations, a comparison of the different available sampling 
techniques is presented, discussing their specific advantages and limitations for different 
applications. 
3.3 Comparison of sampling techniques 
 
This study focusses on streambed sampling methodologies developed to sample vertical 
biogeochemical profiles of nutrients, which enable ecohydrological questions across varying 
interfaces to be investigated. As such, only techniques which allow chemical sampling at 
multiple depths are summarised here, and the advantages and limitations of each method are 
outlined with respect to this application. 
3.3.1 Active Samplers 
 
3.3.1.1 Single well piezometers 
 
Single well piezometers are typically constructed from a steel or polyvinyl chloride (PVC) 
pipe, which is screened at one end over the desired vertical range; the end of the pipe closest 
to the screen is then blocked (Figure 3.1)30–32. These piezometers are usually used at a single 
depth up to several metres, but can be used in a nested design to allow sampling at multiple 
depths, which are typically sampled consecutively33,34. A screened section varying between 
10 and 100s of mm’s is utilised depending on whether depth specific or depth-integrated 
sampling is required31,35. The footprint of a single piezometer is typically 1-4 cm in 
diameter16,34,36, which can result in a relatively large footprint when a nested design is 
utilised. Piezometers are deployed into the streambed over temporal scales of several weeks 
to years31, and the extracted porewater sample represents a snapshot of the conditions at the 
time of sampling. Prior to sampling the piezometer is purged of water by pumping until dry 
or until 3 times the water volume has been removed, if complete purging is not feasible34,37,38. 
The water is sampled from the piezometer once it has refilled, hence, the porewater is not 
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extracted through suction from the sediment, but through flow into the piezometer31. This 
allows large volumes of water to be sampled, with extraction achieved either with a pump or 
a syringe. 
3.3.1.1.1 Advantages: 
Vertical hydraulic gradients can be measured in the piezometer at the depth of sampling, 
allowing hydrological and chemical information to be gained at the same location. Piezometer 
installation is straightforward in sandy and silt sediments. 
3.3.1.1.2 Disadvantages: 
Single well piezometers must be installed with sufficient time prior to sampling for the 
natural conditions of the streambed to re-establish, this time can be long (hours to days), 
especially when installing into clay, silt or shale sediment39. Piezometer installation in gravel 
and clay sediments can be difficult, and requires substantial hammering or pre-drilling of the 
sediment30. Additionally, the footprint of the piezometer is relatively large, and the 
achievable vertical resolution is low compared to other techniques. 
3.3.1.2 Multilevel mini-piezometers 
 
Multilevel mini-piezometers consist of a number of small Tygon© or Polytetrafluoroethylene 
tubes of varying length (as sampling points), which are fitted around a larger central PVC or 
High-density polyethylene tube (acting as a more traditional piezometer) (Figure 3.1)12,18,24,32. 
The design allows the extraction of porewater at a number of discrete sampling depths and 
sampling intervals, which are defined by the user and determined by the length of the small 
tubes and their spacing. Sampling depths are typically between 10 and 200 cm18,24,40–43, with 
a sampling interval of 10 cm24,43, although a spatial resolution up to 5 cm is achievable with a 
low extraction rate12. The footprint of the multilevel mini-piezometer setup is small, usually ~ 
3 cm in diameter, allowing samples to be taken at multiple depths over a discrete area12,18,24. 
Multilevel mini-piezometers are deployed into the streambed over temporal scales of several 
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weeks to years, and the extracted pore-water sample represents a snapshot of the conditions at 
the time of sampling. Sample volumes are typically small and collected slowly with a syringe 
or with a peristaltic pump at a low flow rate, which prevents the natural hyporheic flow from 
being disturbed, as well as allowing a higher vertical resolution to be achieved18. The 
multiple depths of the multilevel mini-piezometers may be sampled simultaneously or 
consecutively from shallowest to deepest depths or vice versa. A sampler combining 
attributes of the single well piezometer and the multilevel minipiezometers has recently been 
developed, using a relatively large central piezometer (32 mm outer diameter) up to 4 m 
depth44. Sampling ports are connected to the central tube so that the sampling resolution 
varies from 0.05 to 0.5 m, depending on which zone is being sampled at that depth. Although 
this affords high-resolution sampling at critical zones with a large depth profile, this sampling 
methodology retains the issues associated with a large sampler footprint as it is not a 
minipiezometer. 
3.3.1.2.1 Advantages: 
Multilevel mini-piezometers allow porewater samples to be extracted from discrete depths, 
enabling vertical solute profiles to be captured. Their design, which is both compact and user-
defined, leads to easy installation in soft sediment31, and a small sampling diameter, as well 
as a flexible vertical depth and resolution to address desired research questions. The central 
piezometer tube is flexible and so bends with surface water flow, which results in a more 
storm-resilient piezometer than more traditional, rigid single-well piezometers12. 
Furthermore, the depth extension of sampling available when using multilevel mini-
piezometers allows deeper streambed biogeochemistry to be investigated. 
3.3.1.2.2 Disadvantages: 
The hydrological information gained via hydraulic gradients is difficult to determine in the 
discrete depths of the multilevel mini-piezometers, due to the small diameter of the multilevel 
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sampling tubes. Only the central piezometer tube, therefore, can be dip-metered to provide 
information on vertical hydraulic gradient. It is, therefore, not possible to ascertain this 
information for each sampling depth and only information at the deepest location of the 
piezometer is available. Additionally, the central tube is too small to allow continuous 
monitoring of hydraulic heads using a pressure transducer. It is possible to disrupt the vertical 
solute profile during sampling, as drawing samples at too high flow rate or at too great a 
negative pressure may cause overlap in the sample area between depths or alter preferential 
flow (artificially increasing horizontal or vertical flow) in the streambed18. The sampling 
interval achievable using multilevel mini-piezometers is relatively coarse compared to other 
discrete depth-sampling techniques. The piezometers must be installed in advance of sampling 
to allow the sediment to re-collapse around the piezometer and for the natural conditions to re-
establish. In gravel or clay sediments, installation can be more difficult and may require pre-
drilling of a hole or substantial hammering to install the piezometer into the streambed. 
Additionally, although currently a suggestion, the evidence presented in this study appears to 
suggest that multilevel mini-piezometers may underestimate ammonium concentrations. 
3.3.1.3 Mini Drivepoint Samplers 
 
Arrays of mini-piezometers, such as the USGS Minipoint sampler, have been utilised to 
sample streambed chemistry13,14,22. The Minipoint sampler consists of six ~0.3 cm-diameter, 
stainless steel piezometers with drivepoints, which are arranged around a ring (Figure 3.1)13, 
and an alternative design of nine 0.8 cm diameter mini-piezometers has also been 
developed22. The piezometers are fixed at discrete, user-defined depths to enable the upper 
20-30 cm of the streambed to be sampled at high vertical resolution, up to 1 cm10. The 
footprint of the Minipoint sampler is relatively large, ~10 cm13, resulting in porewater 
samples collected from different depths over a wider area than those from a multilevel 
piezometer. The Minipoint sampler is usually installed shortly before sampling, enabling it to 
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be used as a roaming sampler, and extracted samples represent a snapshot of the conditions at 
the time of sampling. Samples collected using Minipoint samplers tend to be of small volume 
and are extracted slowly using a syringe or a peristaltic pump with very low flow rates. This 
prevents the natural hyporheic flow from being disturbed, as well as maintaining a high 
vertical resolution14. The discrete sampling depths may be sampled simultaneously or 
consecutively.  
3.3.1.3.1 Advantages: 
The Minipoint sampler design, with short and thin (typically up to 20 cm in length and 0.3 
cm diameter) piezometers13, enables easy and rapid installation with minimal disturbance to 
the streambed. This allows the Minipoints to be sampled shortly after deployment and they 
can, therefore, be used effectively as roaming samplers where probes are installed, sampled 
and then removed, before installation at a new location. The tip of the Minipoint piezometers 
may be filled with glass wool, enabling pre-filtration of samples prior to porewater 
collection22, or filtered in-line during pumping10. The Minipoint sampler allows high-
resolution porewater extraction, which is difficult to achieve with other piezometer 
methods14. 
3.3.1.3.2 Disadvantages: 
Minipoint sampler installation success is heavily dependent on sediment type, with deployment 
in gravel sediments sometimes impractical or if deployment is achievable, preventing accurate 
spacing of the Minipoint piezometers. The relatively large sampler footprint13, resulting in 
samples from different depths not being vertically aligned, may result in inaccurate vertical 
profiles where small-scale heterogeneity in sediment properties occur. Porewater samples must 
be extracted from Minipoint samplers at a low rate to prevent porewater being drawn from 
outside of the intended sampling depth, and to prevent changes in preferential flow, in order to 
preserve the high spatial resolution. It is not possible to dip-meter Minipoint samplers and so 
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no information on vertical hydraulic gradients can be yielded from them. Additionally, 
although requiring further investigation, the evidence presented in this study suggests that 
Minipoints may underestimate NH4+ concentrations. 
3.3.2 Passive Equilibration Samplers 
 
3.3.2.1 DET gel probes 
 
DET gel probes45,46 are passive samplers consisting of a polyacrylamide hydrogel47, which is 
~95% water, between ~0.4 to 1.8 mm thick and housed in a plastic probe28,45. DET gels are 
typically supplied in a NaNO3 buffer, therefore, if to be utilised for NO3- sampling, it is 
necessary to request a buffer of NaCl. Porewater is not extracted to obtain a sample, instead 
solutes diffuse across the DET gel membrane, into and out of the gel, until equilibrium with 
the porewater is reached. The gel is then removed from the sediment, sliced at the required 
vertical resolution, and placed into a vial. The gel is processed in the laboratory by weighing 
the gel (to determine the volume of water in the gel) and back-equilibrating with a known 
volume of ultrapure water20,48. The concentration in the resulting solution is determined and 
this, along with the volume of water in the gel slice and added during back-equilibration, is 
used to determine the concentration of solute in the DET gel slice and hence, the porewater.  
Commercially available DET gels are typically 15 cm in length and so this vertical range is 
usually sampled, however, they have also been modified and used up to 30 cm (Figure 3.1)28. 
The vertical resolution attained by the DET gel is determined by the interval at which the gel 
is immediately sliced at upon removal from the sediment. DET gels are able to obtain a high 
vertical resolution of 1 cm, although 1 mm is also theoretically possible if slicing occurs after 
removal prior to vertical diffusion within the gel or if the DET gel is constrained at the 
desired resolution20,28,49. Recently, DET gels have been combined with colorimetry and 
hyperspectral imagery, which enables two-dimensional nitrite and nitrate distributions to be 
simultaneously measured at millimetre scale21. The footprint of the DET gel is small, ~0.5 cm 
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x 4 cm, preventing the gel samples from integrating biogeochemical patterns from a large 
area within the streambed. The DET gel probe is deployed into the sediment for at least 72 
hours prior to sampling to allow natural conditions to re-establish and equilibrium with the 
porewater to be reached28. Due to the DET gel being an equilibration technique the samples 
collected represent a snapshot of conditions during equilibrium, and therefore, represent an 
average of the biogeochemical conditions over the past 1-2 hours depending on equilibrium 
times within the sediment. The nature of this technique means that all depths are sampled 
simultaneously. 
3.3.2.1.1 Advantages: 
The DET gel is a passive sampler, relying on equilibrium of solutes rather than physical 
extraction of porewater, which prevents alteration of preferential flow or crossover between 
depths from occurring during sampling. This vertical resolution is then maintained as long as 
the gel is sliced immediately after removal from the sediment. The DET gel sampler has a very 
high spatial resolution, up to 0.1-1 mm, although 1 cm is more common for streambed nutrient 
applications. The design of the gel results in any biogeochemical features lesser or equal to the 
slicing resolution being lost46, and so the high spatial resolution is crucial to capturing detailed 
vertical solute profiles. Additionally, although requiring further investigation, the evidence 
presented in this study appears to suggest that DET gels capture weakly-bound NH4+, which 
piezometer-based methods may not. 
3.3.2.1.2 Disadvantages: 
Although the DET gel probes are easy to install in soft sediments, difficulty can arise in 
deployment in gravel sediments, although Ullah et al. (2012)28 developed a stainless-steel 
installation device and successfully deployed the DET gel probes in an armoured gravel bed. 
As the DET gel probe is not a piezometer, no information on vertical hydraulic gradient or 
hyporheic flow can be ascertained from the device, and so information is limited to 
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biogeochemistry alone. The DET gel should be left for at least 72 hours28 after installation 
before it is removed from the sediment, which requires some planning prior to sampling. This 
72 hours is suggested to allow the natural conditions to re-establish around the gel, and for 
the gel to then equilibrate with the surrounding porewater, before removal. Furthermore, as 
the DET gel is not partitioned, vertical diffusion within the gel is possible, especially once 
removed from the porewater environment. It is crucial, therefore, to slice or fix the DET gel 
immediately after removal. If this is not achieved before equilibrium within the DET gel 
itself, then the vertical profile may be smoothed across slicing intervals20,46. The speed with 
which this is required depends on the slicing resolution, and it is possible to use a constrained 
DET gel with separate compartments at the desired resolution to avoid this issue. 
3.4 Materials and Methods 
 
3.4.1 In-situ field applications 
 
3.4.1.1. Study site 
 
Figure 3.2.  The location of a. the Hammer stream within the UK, and b. the study reach 
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(indicated by the blue rectangle) within the wider Hammer stream (contains Ordnance 
Survey data).  
The field comparison of the different experimental methods in this study focussed on the 
Hammer Stream in West Sussex, UK, (Figure 3.2) which drains a 24.6 km2 sandstone and 
mudstone catchment (BGS 2016). Land-use within the catchment is predominantly 
agricultural, with smaller patches of deciduous broad-leafed woodland present (BGS 2016). 
The application of the different field sampling methods focussed on an approximately 40 m 
meandering reach of the stream, where the streambed was dominated by spatially-
homogeneous, sandy sediment24. 
3.4.1.2 Field methods 
 
Porewater samples for the field analysis were collected between 16th June and 9th July 2015 
from 40 multilevel piezometers, 32 Minipoints and 21 DET gels. Multi-level piezometers were 
installed more than 1 year in advance, Minipoints were installed on the day of sampling and 
DET gels were deployed at least 6 days prior to removal. Porewater samples of 50 ml were 
manually collected from the multilevel piezometers at depths of 10, 20, 30, 50 and 100 cm 
using syringes, and by slow pumping rates with a multi-channel peristaltic pump from the 
Minipoints (20 ml) at depths of 0, 2.5, 5, 7.5, 10, 12.5 and 15 cm (Figure 3.1). All samples 
were subsequently filtered on site (0.45 m Whatman) into acid-washed (10% HCl) vials. The 
DET gels were removed one at a time over a 90-minute duration, and sliced at 5 cm intervals 
(ultrapure water-rinsed blade on an acid-washed (10% HCl) chopping board) within 5 minutes 
of removal. The DET gel slices were stored in acid-washed (10% HCl) centrifuge tubes at 4°C, 
and the porewater samples were frozen, until laboratory analysis.  
3.4.1.3 Laboratory processing 
 
3.4.1.3.1 DET gels 
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The gels were weighed and 5 ml of ultrapure (18.2 MΩ) water added to each tube. The gels 
were then shaken, on ice, for 20 hours, after which, the gels were removed and the resulting 
solution frozen for storage until analysis. 
All porewater samples were analysed for nitrate and ammonium concentration using a 
continuous flow analyser (Skalar San++), with an LOD of 0.02 mg N l-1 for ammonium and 
nitrate. The accuracy and precision was 0.1 and ±0.02 mg NH4+-N l-1 and 0.14 and ±0.01 mg 
NO3--N l-1, respectively. 
3.4.2 Laboratory Experiment 
 
Fine, sand-dominated sediment was collected from the Mill Brook at the Birmingham 
Institute of Forest Research (BIFoR) facility in May 2016. The sediment was sieved (16 
mm), homogenised and placed into three separate buckets. Solutions of varying 
concentrations (0.0, 4.9 and 10.0 mg NH4+ l-1) were made from a stock of NH4Cl and added 
to the buckets, and DET gels and multilevel mini-piezometers, with sampling depths of 2.5, 
7.5 and 12.5 cm, were installed into the sediment. After 3 days, the DET gels were removed 
and sliced at 5 cm intervals, and the mini-piezometers were sampled. Porewater samples were 
stored frozen until analysis.  The DET gels were processed as detailed previously. 
3.5 Results and discussion 
 
3.5.1 Field Study 
 
3.5.1.1 Nitrate 
The nitrate depth profiles observed from the three techniques varied greatly (Figure 3.3); the 
nitrate concentrations in the piezometers were predominantly low (<3 mg l-1), and the DET 
gels showed the largest variation in concentration, with the largest nitrate concentrations 
found with this technique (25.5 and 34.2 mg l-1). The Minipoints, however, showed the 
largest consistent variation in nitrate concentration, with little bias towards low 
 55 
concentrations, which was seen in the piezometers, and the DET gels to a lesser extent. 
 
Figure 3.3. Vertical profiles of nitrate concentration (mg l-1) in the streambed of the Hammer 
Stream, Sussex, UK in a. DET gels, b. Minipoint samplers and c. multilevel mini-piezometers 
and vertical profiles of ammonium concentration (mg l-1) in the streambed of the Hammer 
Stream, Sussex, UK in d. DET gels, e. Minipoint samplers and f. multilevel mini-piezometers.  
 
Figure 3.4.  Mean nitrate concentrations (mg l-1) ±1 standard deviation found at each 
sampled depth in the streambed of the Hammer Stream, Sussex, UK in a. DET gels, b. 
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Minipoint samplers and c. multilevel mini-piezometers and mean ammonium concentrations 
(mg l-1) ±1 standard deviation found at each sampled depth in the streambed of the Hammer 
Stream, Sussex, UK in d. DET gels, e. Minipoint samplers and f. multilevel mini-piezometers.  
Observed average nitrate concentrations per depth were between 3.78 and 4.34, 0.54 and 
10.2, and 0.73 and 2.53 mg l-1, for the DET gels, Minipoints and piezometers, respectively 
(Figure 3.4). Lower average concentrations were observed in the Minipoints and piezometers 
than in the DET gels. The Minipoints, therefore, captured the greatest range of average 
concentrations, over 9.67 mg l-1, compared to only 0.56 and 1.79 mg l-1 in the DET gels and 
piezometers, respectively. There was, however, no statistically significant difference in 
nitrate concentrations between the methods used (Table 3.S-1), although care should be taken 
when comparing results obtained from different sampling methods, as these can be heavily 
dependent on how samples were collected. Passive and active sampling techniques, for 
example, may lead to differences in the porewater collected. 
For a more direct comparison of the methods only data from the top 15 cm was considered. 
The highest average nitrate concentration (4.08 mg NO3- l-1) was observed in the Minipoints, 
which was slightly higher than that of the DET gels (4.02 mg NO3- l-1). The lowest average 
nitrate concentration (2.53 mg NO3- l-1) was observed in the piezometers. This was perhaps 
due to nitrate generally decreasing with depth in the upper 15 cm (Figure 3.3), and the 
piezometer setup used was unable to sample at the shallowest depths. The DET gels captured 
the largest array of nitrate concentrations with a standard deviation, variance and range of 
6.97, 48.6 and 34.2 mg NO3- l-1, respectively (Table 3.S-2). The piezometers captured the 
lowest variation of nitrate concentrations, which was probably due to their restriction to one 
depth (10 cm) in the upper 15 cm of sediment, with a standard deviation, variance and range 
of 3.84, 14.8 and 15.0 mg NO3- l-1, respectively. The standard deviation and variance of the 
Minipoint data was slightly lower than that of the DET gels (5.51 and 30.4 mg NO3- l-1, 
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respectively), while the range was closer to that of the piezometer data (17.6 mg NO3- l-1). 
There was, however, no statistically significant difference in nitrate concentrations in the 
upper 15 cm between the methods used (Table 3.S-1). 
The clearest trend in average nitrate concentration with depth was observed in the Minipoint 
data, where nitrate decreased non-linearly with depth, from 10.2 to 0.54 mg l-1 over a depth 
interval of 2.5 to 15 cm. The small concentration ranges captured by the DET gels and 
piezometers resulted in no real trend with depth in the DET gels (3.78 to 4.34 mg l-1 from 3.5 
to 13.5 cm depth) and only a weak trend with depth in the piezometers (2.53 to 1.13 mg l-1 
from 10 to 100 cm depth), although this pattern was similar to that observed in the 
Minipoints. In sandy or fine grained sediments, characteristic of the study site, the variability 
in concentration is usually greatest in the first few centimetres of the streambed25–27. The 
design of the multi-level piezometers used here, therefore, may have limited the ability of this 
method to fully capture the profiles seen in the Minipoints, where sampling was focussed in 
the first 15 cm. It is important to note that multilevel piezometers may be designed to sample 
at a finer resolution in the top 20 cm of the streambed, with an achievable sampling 
resolution of 5 cm. Here we used the more common setup of multilevel minipiezometers, 
with a coarser resolution and a greater depth range, to compare techniques as they are more 
generally used. The difference in profiles between the DET gels and the Minipoints was 
unexpected, given that both techniques sample the top 15 cm of the streambed at high 
resolution. It is possible that the difference in sampling resolution (2.5 cm in the Minipoints 
and 5 cm in the DET gels), caused some smoothing effect of the profiles, however, there 
should still have been a trend in the profile of the DET gels, which was not observed. 
3.5.1.2 Ammonium 
 
The ammonium depth profiles observed varied greatly between the three techniques (Figure 
3.3); the ammonium concentrations in the Minipoints were predominantly low (<2.5 mg l-1), 
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and the piezometers showed the largest variation in concentration (between 0.18 and 20.9 mg 
l-1). The average ammonium concentrations observed per depth were between 2.26 and 2.40, 
0.50 and 1.56, and 3.83 and 5.73 mg l-1, for the DET gels, Minipoints and piezometers, 
respectively. The average concentrations in the Minipoints were lower than in the DET gels 
and piezometers, with the highest average concentrations observed in the piezometers (Figure 
3.4). The piezometers and Minipoints captured relatively large ranges of average 
concentrations, 1.90 and 1.06 mg l-1, respectively, compared to only 0.14 mg l-1 for the DET 
gels. The DET gels consistently measured larger concentrations than the Minipoints, at 
comparable depths, which may be due to the difference in sampling principles between these 
methods, as Minipoints are active samplers and DET gels are passive samplers (see 
laboratory experiment discussion below). The differences in ammonium concentrations 
between the three methods were statistically significant, and were significantly different in all 
three methods (Table 3.S-1). 
For a more direct comparison of the three methods only data from the top 15 cm was 
considered. The highest average ammonium concentration (3.83 mg NH4+ l-1) was observed 
in the piezometers, with the DET gels capturing the second highest average ammonium 
concentration (2.32 mg NH4+ l-1). The lowest average ammonium concentration (1.05 mg 
NH4+ l-1) was, therefore, observed in the Minipoints. This may be because ammonium 
increased with depth in the upper 15 cm in the Minipoints (Figure 3.3), and the piezometer 
setup used was only able to sample at 10 cm, which may result in the piezometers capturing 
the greater concentrations found at depth. The piezometer and DET gel data had similar, 
relatively large standard deviation and variance of 2.86 and 8.17, and 2.36 and 5.57 mg NH4+ 
l-1, for the piezometers and DET gels, respectively (Table 3.S-2). The Minipoints captured the 
lowest standard deviation and variance of 1.98 and 3.90 mg NH4+ l-1, respectively. The 
greatest range of ammonium concentration was found in the piezometers (11.6 mg NH4+ l-1), 
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although the Minipoint and DET gel data were also similar (10.0 and 10.2 mg NH4+ l-1, 
respectively). The DET gels captured larger average concentrations than the Minipoints, 
which sampled similar depths. This has been observed previously with co-located 
piezometers and DET gels, where ammonium concentrations were also greatest in the DET 
gels28. This was investigated further in the laboratory experiment discussed below. The 
differences in ammonium concentrations, in the upper 15 cm, between the three methods 
were statistically significant, and were significantly different in all three methods (Table 3.S-
1). Although significant differences between the methodologies were observed, as mentioned 
above, care should be taken when comparing the results gained from differing sampling 
techniques. 
The clearest trend in average ammonium concentration with depth was observed in the 
Minipoint data, where concentrations increased linearly with depth from 0.50 to 1.56 mg l-1 
over a depth of 2.5 to 15 cm. The small concentration range captured by the DET gels 
resulted in no real trend with depth in the DET gels (2.40 to 2.31 mg l-1 from 3.5 to 13.5 cm 
depth). Although there was no concentration trend with depth in the piezometers (3.83 to 4.83 
mg l-1 from 10 to 100 cm depth), there was a general increase in ammonium concentration up 
to 50 cm (to 5.19 mg l-1), followed by a decrease from 50 to 100 cm depth. The lack of trend 
in both ammonium and nitrate concentrations with depth observed in the DET gels was 
unexpected, especially given that DET gels have previously been used to capture 
biogeochemically active zones within sediment28,29. Furthermore, the upper 15 cm of the 
streambed sampled by the DET gels typically has the greatest biogeochemical variation and 
the Minipoints captured clear vertical trends over the same depth. The piezometers captured 
the greatest range of ammonium concentration, which was unexpected given that they 
predominantly sampled at depths greater than 20 cm.  
3.5.2 Laboratory Experiment 
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The ammonium concentrations observed in the DET gels were predominantly greater than 
those observed in the multilevel mini-piezometers (Figure 3.5), which has been observed 
previously28. Two samples at 2.5 cm depth in the high concentration solution, however, had 
ammonium concentrations which were slightly greater in the piezometer than in the DET gel 
(2.13 and 1.55, and 1.99 and 1.47 mg l-1, in the piezometers and the DET gels, respectively). 
A comparison of the mean ammonium concentration at each depth from the DET gels and the 
multilevel mini-piezometers showed that the concentration in the DET gels was statistically 
significantly greater than in the multilevel mini-piezometers at all depths (Table 3.S-3, p-
values between 0.00 and 0.02, Figure 3.6). To confirm this difference was not a result of 
ammonium contained within the DET gels themselves, we allowed new DET gels to 
equilibrate in ultrapure (18.2 MΩ) water. This gave ammonium concentrations below 
detection and confirmed that the DET gels were not a source of ammonium. We believe that 
the discrepancy between techniques, between 31 and 56% over the different depths in this 
experiment, is due to the differing nature of these methods and not an experimental artefact. 
The DET gel is a passive, diffusive equilibrium sampler, which is in contact with the 
sediment, whereas, the piezometers are active samplers relying on a negative pressure or 
pumping action to sample the porewater. We suggest, therefore, that the DET gels (and other 
passive techniques) are able to capture highly sorptive ammonium from sediment surfaces, 
whereas the piezometers (or any active technique relying on the extraction of porewater via 
pumping or a syringe) only sample the ‘free’ porewater, potentially not capturing the residual 
water (and any solutes therein) that is bound to sediment surfaces.   
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Figure 3.5. Vertical profiles of ammonium concentration (mg l-1) for all data from the 
laboratory experiments, with the piezometer data plotted with a solid line and the DET gel 
data plotted with a dotted line. 
 
 
Figure 3.6. Mean ammonium concentrations (mg l-1) ±1 standard deviation found at each 





As interest in streambed biogeochemistry continues to increase, along with the volume of 
interdisciplinary research conducted in the HZ, the development of standard sampling 
protocols and further sampling methods is required. Although samplers such as Minipoints 
and DET gels provide high-resolution nutrient profiles in the upper few centimetres of the 
streambed, where the majority of the biogeochemistry occurs, multilevel and single well 
piezometers remain a valuable tool for the investigation of deeper influences of groundwater 
and larger scale processes. Furthermore, the sampling method used may significantly affect 
the resulting ammonium concentrations, and may produce differences in vertical trends in 
both nitrate and ammonium. The research question, and desired spatial and temporal 
resolution will, therefore, determine which sampling technique is most appropriate to use, 
with each one characterised by specific advantages and limitations.  
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Table 3.S-1. Statistical test results from all data from the Hammer stream, UK, where the 
Kruskal-Wallis rank sum test indicated a significant difference between the methods, a Dunn 
test was used to determine which groups were significantly different.  
 
Table 3.S-2 – Descriptive statistics for all data from the DET gels, Minipoints and multilevel 
mini-piezometers sampled in the Hammer Stream, Sussex, UK 
 
Table 3.S-3 – Statistical test results from all data from the laboratory experiments, p-values 
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Globally, rivers and streams are important sources of carbon dioxide and methane, with small 
rivers contributing disproportionately relative to their size. Previous research on GHG 
emissions from surface water lacks mechanistic understanding of contributions from 
streambed sediments. We hypothesise that streambeds, as known biogeochemical hotspots, 
significantly contribute to the production of GHGs. With global climate change, there is a 
pressing need to understand how increasing streambed temperatures will affect current and 
future GHG production. Current global estimates assume exponential and linear relationships 
between temperature and GHG emissions from surface water. Here we show non-linearity 
and threshold responses of streambed GHG production to warming. We reveal that 
temperature sensitivity varies with substrate (of variable grain size), OM content and 
geological origin. Our results confirm that streambeds, with their non-linear response to 
projected warming, are integral to estimating freshwater ecosystem contributions to current 
and future global GHG emissions. 
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Carbon fluxes from freshwaters, particularly rivers and streams, have been largely 
overlooked, as these were conceptualised as unreactive ‘pipelines’ transporting water from 
terrestrial to marine environments1–4. However, up to 50% of carbon is lost annually from 
inland waters through gas exchange as CO25–7, returning 0.8 Pg of carbon directly to the 
atmosphere1. Previous research has mainly quantified surface water contributions8–11 
estimating global fluxes from streams and rivers to be 1.8 Pg CO2-C yr-1 8, and 26.8 Tg CH4-
C yr-1 12. Small streams appear to be particularly important, contributing ~15% of the CO2 
flux8. Although the CH4 flux is dwarfed by that for CO2, CH4 fluxes may be regionally 
significant, and are seen to offset over 25% of the terrestrial C sink when considered as C 
equivalents13–15. Streambeds have been identified as ‘hotspots’ of carbon turnover5,16–18, 
characterised by enhanced metabolic activity and nutrient spiralling19–23. GHG concentrations 
in streambeds are elevated with respect to surface waters, and concentrations between 71 
nmol CH4 l-1 24 and 134 mol CH4 l-1 25, and 130 mol CO2 l-1 26 to 5 mmol CO2 l-1 27 have 
been observed in sediment porewaters. Despite recent advances in analysing freshwater 
carbon cycling, the spatially and temporally variable drivers of enhanced GHG production in 
streambed sediments, CH4:CO2 ratios and the relative importance of sediment GHG to overall 
C emissions2,5,7,28,29 remain insufficiently understood1,5,7.  
Temperature is the prime control of biogeochemical processing rates and exponential and 
linear correlations between water temperature and GHG production have been observed 
previously over a large temperature range28,30. Additionally, long-term warming has been 
shown to increase CH4 emissions, and decrease CO2 absorption and carbon sequestration in 
small ponds31. The impact of temperature on sediment C cycling and GHG production is 
likely to vary for streambed sediments of different geological origin, substrate, OM and 
nutrient content. Initial research suggests the potential of substantial GHG production from 
fine and organic carbon-rich sediments28,32,33, but didn’t allow for any systematic analysis of 
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sediment controls on GHG production. It is expected that temperature increases will be 
particularly important in agricultural lowland rivers and streams representing large areas of 
Europe, North America and Asia34, which are characterised by excess nutrient loadings and 
OM-rich, fine sediments12. 
Herein, we investigate the temperature impacts on streambed sediment aerobic microbial 
metabolic activity (MMA) and GHG production, along a gradient of OM content in 
streambed sediments of different geological origin. Geological origin was investigated as 
different geologies have varying biogeochemical properties and, therefore, are expected to 
have different GHG production rates. We incubated three substrates of differing grain size: 
Fine (silt-dominated underneath vegetation), medium (sand-dominated from unvegetated 
zones) and coarse (gravel-dominated from unvegetated zones) from the River Tern and River 
Lambourn - two agricultural, lowland, UK streams of contrasting geology (Sandstone and 
Chalk, respectively, Figure 4.1).  
 
Figure 4.1a. Map of England and Wales, UK, showing the spatial distribution of Triassic 
Sandstone and Chalk aquifers, and the two study streams (River Tern and River Lambourn) 
[Contains BGS materials Copyright NERC [2016] and gadm.org]. b.  Incubation bottle used 
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for the experiment, including a depiction of the distribution of sediment, water and 
headspace. C. Experimental setup with each dot representing a triplicate of repeats. 
Sandstone and carbonate were investigated as these are the dominant aquifer materials of the 
globe, therefore, allowing any conclusions to be more generally applied. Incubation 
experiments were performed in triplicate at 5, 9, 15, 21 and 26 °C, with the potential GHG 
production at 5 hours investigated here. The smart tracer resazurin (Raz)-Rru system was 
used as a proxy for aerobic MMA, so that Rru production represented MMA (see 
methodology for a detailed explanation)35. GHG samples were collected from the headspace 
of the incubation jars, and so fluxes measured here include both diffusive and ebullitive 
pathways.  




Details of the method and results of the statistical analysis are found in section 2.7 and Table 
4.S-1. MMA results are presented as ng of Rru produced per g of Raz added to the jar at 
time zero, all reported errors represent ± 1 standard deviation.  
MMA increased significantly with temperature across all substrates (Figure 4.2, p-value = 
<0.01). MMA in Chalkfine increased by 1260% from 5 to 21°C, producing MMA rates 400% 
larger than the second highest production (Chalkmedium at 21°C). The only other substantial 
activity was observed in Sandstonefine and Chalkmedium sediments at higher temperatures, 
resulting in significantly greater MMA in fine sediments for both geologies (p-value = <0.01 
for Chalk, and <0.01 for Sandstone). There was a significant increase in MMA with 
temperature in the fine sediments, compared with the control experiments. This was expected 
as fine sediments are predicted to have greater activities and there was a significant 
temperature-gradient across all sediment types. This was also the case for CO2 and CH4 
production. 
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Figure 4.2. Hourly production of Rru, CO2 and CH4 plotted against temperature for each 
substrate type across the different geological origins (Triassic Sandstone, Chalk).  
MMA was higher in Chalkfine than Sandstonefine, despite the same OM content in both 
geologies (3.6%). We suggest that this is due to differences in the aromaticity of the carbon, 
which was 17.3% in Chalkfine and 20.9% in Sandstonefine sediments. Carbon in Chalkfine had a 
lower aromaticity, hence, the carbon was more bioavailable, producing greater MMA. 
An exponential relationship between temperature and MMA, as reported previously to be 
consistent across ecosystems36, was not observed in this study. Greater microbial metabolism 
was observed in Chalkfine, Chalkmedium and Sandstonefine sediments at 21°C than at 26°C. 
Anaerobic conditions may cause a reduction in MMA; but water column oxygen 
concentrations for Chalkfine, Chalkmedium and Sandstonefine sediments increased between 21°C 
and 26°C, thus oxygen concentration cannot explain the observed decrease in metabolism 
(SI, Figure 4.S-1).  
OM content and geological origin had a substantial impact on MMA at higher temperatures 
(Figure 4.3). Most sediments exhibited low rates of MMA between 5 and 15°C, with only 
Chalkfine producing larger rates at 15°C (11.8±2.2 ng Rru g-1 Raz hr-1), indicating an onset 
of increased reactivity at 15°C in Chalkfine. MMA was not significantly different between the 
two geologies (p-value = 0.14), however, MMA was greater in the Chalk sediments at 21 and 
26°C. The difference in rates between geological origin was greater at 21 than 26°C 
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reflecting the higher MMA at 21°C (maximum of 65.7±32.1 ng Rru g-1 Raz hr-1) than 26°C 
(maximum of 56.8±24.7 ng Rru g-1 Raz hr-1) in the Chalk sediments. The metabolic rate 
was greatest in the fine sediments at higher temperatures, with the Chalkfine greater than the 
Sandstonefine at 21 and 26°C. 
Figure 4.3. Hourly production of Rru, CO2 and CH4 plotted against OM content for each 
temperature.  
Differences in small production rates produced unrealistic temperature coefficient (Q10) 
values, therefore, only Q10 values where notable activity rates were observed, are discussed 
herein. This is also the case for the CO2 and CH4 discussions below.  
Q10MMA values generally ranged between 0.0 and 3.3 (SI, Table 4.S-4), confirming previously 
reported values34,37. High Q10MMA values of 9.0 between 9 and 15°C in Chalkfine, 22.2 
between 15 and 21°C in Chalkfine, and 1425.3 between 15 and 21°C in Chalkmedium sediments, 
reflected the elevated respiration rates observed in these sediments at the given temperatures. 
The observed Q10MMA value for Chalkmedium between 15 and 21°C was substantially larger 
than previously reported values (above), which is due to insignificant rates of MMA at 15°C, 
followed by high rates at 21°C once the microbial community responded to the elevated 
temperature. These Q10MMA values highlight the difference in temperature response between 
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geological origin, with large increases in respiration rates only observed in the Chalk 
sediments at higher temperatures.  
4.2.2 CO2 Production 
 
Details of the results of the statistical analysis are found in Table 4.S-2. Chalkfine and 
Sandstonefine yielded the highest CO2 production rates, with a 220 and 150% increase from 5 
to 26°C, respectively, with a maximum potential CO2 production rate of 65.6±5.9 mg C m-2 
hr-1 observed in the Chalkfine sediment at 26°C. CO2 production rates increased significantly 
with temperature across all substrates compared to the controls (Figure 4.2, p-value = <0.01). 
These results accord with the findings of previous research, which showed CO2 production 
may increase linearly with rising temperatures, however, CO2 production also increased 
exponentially with rising temperatures28. The relationship between temperature and potential 
CO2 production observed in this study was linear and varied with substrate as previously 
seen28, with significantly (p-value = <0.01 for Chalk, and <0.01 for Sandstone) greater 
production rates in fine sediments than in medium and coarse sediments. The CO2 production 
rates did not vary greatly between Chalkfine and Sandstonefine sediments, which was expected 
given the similar OM content between these sediments (3.6%). However, the MMA was 
greater in Chalkfine than Sandstonefine; it has been noted that the CO2 production rates did not 
mirror the Rru production rates observed, despite Rru production often used as a proxy for 
MMA. Somewhat surprisingly, in Chalkcoarse at 5 and 9°C, negative production of CO2 was 
observed under aerobic conditions, which may be due to two processes. Firstly, negative 
production of CO2 may occur at a high pH due to the aqueous carbonate system acting as a 
CO2 sink. This has been observed previously at pH greater than 8.5,38 and the average pH of 
Chalkcoarse at 5 and 9°C was 8.3±0.1, close to this threshold. It is possible, therefore, that the 
CO2 produced here did not diffuse into the headspace, but remained in solution as carbonate. 
Secondly, the production rates were calculated from the difference in concentration between 
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0 and 5 hours. As Chalkcoarse had such low headspace CO2 concentrations, it is possible that 
CO2 from the atmosphere dissolved into the water column at these low temperatures, 
reducing the CO2 concentration in the headspace over time.  
OM content and geological origin had a significant influence on potential CO2 production 
rates, particularly at higher temperatures (Figure 4.3). Both streams had similar rates of CO2 
production for fine sediments, which significantly exceeded production rates in medium and 
coarse sediments. Slightly higher CO2 production rates were found in the medium and coarse 
sediments of Sandstone than in Chalk, with an OM content below 2%. In general, CO2 
production was significantly greater in Chalk than Sandstone sediments (p-value = <0.01). At 
15°C, Chalkfine, Chalkmedium and Sandstonefine responded to increased temperature with 
enhanced production rates compared to 9°C, indicating a threshold of 15°C was required to 
enhance biogeochemical processing in both geological settings. At 21°C, CO2 production 
rates were similar to those at 15°C; with no substantial increase in production observed. 
Large increases in CO2 production rates were observed at 26°C in the fine sediments to 
65.6±5.9 mg C m-2 hr-1 for Chalk, and 53.1±4.7 mg C m-2 hr-1 for Sandstone. This is in 
contradiction to the observed MMA, which may indicate there is no metabolic reason for the 
observed decrease in MMA from 21 to 26°C. The difference between CO2 production rates in 
the fine sediments decreased between 21 and 26°C.  
Q10CO2 values generally ranged between 0.1 and 4.0 (SI, Table 4.S-4), which were similar to 
previously reported values in lake sediments39. Higher values indicated a greater temperature 
dependency in some cases, with Q10CO2 values of 8.1 for Chalkfine between 9 and 15°C, and 
4.9 for Sandstonefine between 21 and 26°C. These Q10CO2 values highlight the difference in 
response of the two geological origins, with Chalkfine reacting to temperature increases earlier 
than Sandstonefine (15 and 26°C, respectively).  
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Potential CO2 production rates ranging from approximately 70 to 156 nmol CO2 g-1 hr-1, from 
9.73 to 25.31°C in sandy sediments, and 147 to 261 nmol CO2 g-1 hr-1, from 3 to 22°C in 
anoxic, fine sediments, have been observed previously28,40. These values for previous studies 
are greater than those observed here, where a range of 18 to 53 nmol CO2 g-1 hr-1 in Chalkfine, 
and 18 to 45 nmol CO2 g-1 hr-1 in Sandstonefine from 5 to 26°C were observed. Different units 
are discussed above due to lack of available information to convert published values into mg 
m-2 hr-1. The fine sediments were characterised by high carbon turnover rates of 82 days for 
Chalk and 105 days for Sandstone at 15°C (representative of the current climate). When 
warming was considered these rates became 71 days for Chalk and 122 days for Sandstone at 
21°C, and 50 days for Chalk and 62 days for Sandstone at 26°C. Our findings, thus, indicate 
that the turnover time for sediment C could almost halve under future climates where 
streambed temperatures reach 26°C (representative of many Mediterranean streams), which 
bears severe consequences for biogeochemical cycling and nutrient spiralling in freshwater 
ecosystems. 
4.2.3 CH4 Production 
 
Details of the results of the statistical analysis are found in Table 4.S-3. A maximum potential 
CH4 production rate of 2.2±0.2 mg C m-2 hr-1 was observed in Chalkfine at 21°C. CH4 
production rates did not increase substantially with temperature across all substrates (Figure 
4.2), which contrasts with observations of previous studies that report CH4 fluxes to vary 
greatly with temperature across different ecosystems30, although the increase was significant 
in all sediment types compared to the controls (p-value = <0.01). Instead, high CH4 
production was only observed in Chalkfine, Chalkmedium and Sandstonefine sediments, where 
production rates increased from 5°C to 26°C, this may be due to the suggestion that local 
factors are the dominant control on CH4 production12. Ebullition may be responsible for this 
observation as it is related to finer sediments41, explaining high production rates in Chalkfine 
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and Sandstonefine, and OM-rich sediments41,42, resulting in elevated production rates in the 
three highest OM content sediments investigated here. The temperature sensitivity of CH4 
production rates was not consistent between the Chalk and Sandstone sediments. Rates were 
greater at 21 than 26°C in the Chalkfine and Chalkmedium sediments, whereas rates increased 
with temperature in Sandstonefine sediments. Patterns in Chalkfine and Chalkmedium CH4 
production rates were consistent with trends observed in microbial metabolism and may be 
explained by an increase in CH4 oxidation with temperature, alongside anoxic conditions28. A 
further explanation for the observed geological difference is that Chalk streams are thermally 
buffered due to groundwater, resulting in reduced thermal extremes in the summer and 
winter43; the Chalk microbial community is, therefore, expected to be adapted to lower 
temperatures, and may not respond well to extreme temperatures, e.g. 26°C. Patterns in 
Sandstonefine CH4 production rates, however, did not correspond to those of MMA, with a 
more obvious increase in CH4 production than MMA with increasing temperature, which was 
non-linear.  
Ratios of CH4:CO2 generally increased with temperature for fine sediments, with an increase 
in CH4:CO2 of 10% in Chalkfine and 2840% in Sandstonefine observed for a 1°C temperature 
increase from 5 to 26°C (SI, Figure 4.S-2). The differences in increase in ratios between 
geological origin show that the relative increase was substantially higher in the Sandstone 
sediments than the Chalk sediments, indicating a larger proportion of C being released as 
CH4 than CO2 in the Sandstone sediments. The decrease in CH4 production from 21 to 26°C 
caused a decrease in CH4:CO2 in the Chalkfine sediment, resulting in an increase in ratio of 
58% for a 1°C temperature increase from 5 to 21°C. An increase in CH4:CO2 ratio with 
temperature has been observed previously and is due to the high temperature dependence of 
CH4 production, the variation between CH4 and CO2 kinetics, and the possible release of CH4 
from sediments before conversion to CO228–30,44. The ratios found herein are greater than 
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those previously reported in fine, anoxic Chalk sediments, which found a 1°C temperature 
increase produced a 4% increase in CH4:CO2 ratio, over a temperature range of 3 to 22°C28. 
The medium and coarse sediments showed relatively little variation in CH4:CO2 ratio with 
temperature (between 4 and 15% with 1°C increase from 5 to 26°C), except at 21°C in the 
Chalkmedium sediment, which resulted in a 159% increase in CH4:CO2 ratio with 1°C increase 
in temperature from 5 to 21°C. Although most of the increases in medium and coarse 
CH4:CO2 ratios were relatively low compared to the fine sediments, they were still 
consistently higher (up to 4 times) than previously observed28. High CH4:CO2 ratios are 
frequently interpreted as indicators of significant human influence12, which may explain the 
high values observed in this study for agricultural streams wherein CH4:CO2 ratios markedly 
exceeded values reported previously. The observed ratios highlight the relevance of 
investigating biogeochemical cycling to allow mitigation of GHG production, particularly in 
agricultural streams. 
OM content and geological origin had a large influence on CH4 production rates, especially at 
higher temperatures (Figure 4.3), resulting in significantly different production rates between 
geologies (p-value = <0.01). The fine sediments had similar production rates at both 9°C and 
26°C. At 15 and 21°C, an increase in production rates in the Chalkfine sediments resulted in a 
clear difference between the geological origins in the fine sediments. This indicates an onset 
of increased production rates at 15°C in the Chalkfine. There was a large decrease in CH4 
production rates in the Chalkfine sediments from 21 to 26°C, alongside an increase in CH4 
production in Sandstonefine, resulting in similar production rates at 26°C (see above). Medium 
and coarse sediments had similar, low production rates across all temperatures, except at 
21°C where there was an increase in CH4 production rate in the Chalkmedium sediment to 
0.548±0.075 mg C m-2 hr-1. This resulted in significantly greater production rates in fine 
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sediments than medium and coarse sediments (p-value = <0.01 for Chalk, and <0.01 for 
Sandstone).  
48% of the Q10CH4 values ranged between 0.0 and 4.1 (SI, Table 4.S-4), similar to previously 
reported values in lake sediments39, with large values indicating a greater temperature 
dependency. Chalkfine sediments resulted in high Q10CH4 values of 134.9 between 9 and 15°C, 
and 9.3 between 15 and 21°C. Sandstonefine resulted in high Q10CH4 values of 227.6 between 9 
and 15°C, and 12.2 between 21 and 26°C. These fine sediment, Q10CH4 values, highlight the 
difference in response of the two geological origins, with both initially responding to 
increased temperature at 15°C, then Chalkfine producing high CH4 production rates earlier 
than Sandstonefine (21 and 26°C, respectively). Chalkmedium produced a high Q10CH4 value of 
163.2 between 15 and 21°C, highlighting the elevated CH4 production rate observed at 21°C. 
The large Q10CH4 values observed here were produced from initially insignificant rates of CH4 
production, followed by increased rates as the microbial community responded to increased 
temperatures. 
CH4 production rates have been observed to increase exponentially with increasing 
temperature in anoxic, fine sediments of Chalk streams, increasing from 22 nmol CH4 g-1 hr-1 
at 3°C to 80 nmol CH4 g-1 hr-1 at 22°C28. These rates were far greater than those observed 
here, which ranged from 0.1 nmol CH4 g-1 hr-1 at 5°C to 0.6 nmol CH4 g-1 hr-1 at 26°C in 
Chalkfine, and 0.0 nmol CH4 g-1 hr-1 at 5°C to 0.4 nmol CH4 g-1 hr-1 at 26°C in Sandstonefine. 
The low, similar CH4 production rates observed here in the medium and coarse substrates 
across all temperatures, except in Chalkmedium at 21°C, (maximum of 0.03 nmol CH4 g-1 hr-1) 
has been observed previously, although previous experiments used seasonally collected 
sediments and so other environmental factors, such as substrate availability, may have also 
been affecting production rates. These previously observed rates were approximately 1.0 
nmol CH4 g-1 hr-1 40, higher than those observed here in the medium and coarse sediments, 
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which may be due to the larger quantity of total organic carbon present in the sediments of 
the previous study. 
Increased temperature generally led to a rise in sediment respiration and GHG production in 
the investigated streambed sediments. Importantly, in contrast to previous studies the non-
linear relationship with temperature was not exponential for MMA and CH4 production, and 
threshold responses were observed instead28,30,36. Although Rru production has been 
developed as a proxy for aerobic microbial respiration, it is possible that Rru is produced in 
the jar alongside methanogenesis, due to oxic and anoxic sediments existing 
simultaneously45. This explains, therefore, the observations in some sediment types of 
simultaneous Rru, CO2 and CH4 production, especially at higher temperatures. Control 
experiments showed negligible production of metabolic activity and GHG production (SI, 
Figure 4.S-3).  
We found the temperature sensitivity of streambed sediment respiration and GHG production 
to be dependent on substrate, OM content and geological origin, with the greatest reactivity, 
and largest responses to increased temperature, found in the fine, high OM content sediments. 
This observation is likely explained by the large surface area provided by fine sediment, 
which leads to greater microbial populations46. Reactivity was generally greater in the Chalk 
than the Sandstone sediments; which resulted in Chalkfine sediments being characterised by 
the highest rates of MMA and GHG production. GHG production in Chalk sediments 
responded to increased temperatures earlier than Sandstone sediments. Increased rates of 
sediment respiration and GHG production associated with fine, OM-rich sediments, as well 
as increased temperature, are consistent with previous research28,30,32,33,36,40,41,47–49, with CH4 
results explained by the promotion of methanogenesis in fine, OM-rich sediments12,28.  
4.3 Implications of drivers of GHG production 
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Our results demonstrate that biogeochemical processes in streambed sediments, such as 
respiration, are affected by temperature, substrate, OM content, and geological origin. The 
upscaling of GHG production, both temporally and spatially, should, therefore, consider the 
spatial variability of these confounding factors. When considering variations and trends in 
GHG production, increased temperature is a key driver of greater GHG production, and is 
expected to increase under future climates, global change and increased groundwater 
abstraction12,29,50,51. Fine, OM-rich sediments were also found to enhance GHG production, 
which are expected to increase due to land-use change and greater weathering rates12. 
Additionally, fine, OM-rich sediments introduce spatial variability in biogeochemical 
cycling, along with varying geological backgrounds. Of particular importance, therefore, are 
agricultural, lowland rivers, typically characterised by high nutrient loading and fine, OM-
rich sediments12,52. The investigated sediments of agricultural rivers are representative for a 
wide range of ecosystems across much of Europe, North America and Asia, contributing 
significantly to the atmospheric burden of GHG.  
Comparing the average potential CO2 production rates from all sediments at 15°C 
(representing typical present-day temperatures) to previous estimates, demonstrates an 
increase in stream and river CO2 emissions to the atmosphere of 269% in this study8. If the 
streambed temperature was to increase to 21 or 26°C this would result in a 329 and 552% 
increase in CO2 flux, respectively, relative to current emissions estimates8. This rises to a 340 
and 557% increase when methane is included, showing that substantial increases in C 
emission from streams are expected under future warming of streambed sediments up to 
26°C. These fluxes were calculated per COSCAT region 402 (Coastal Segmentation and 
related catchments of the UK, Ireland and Iceland). Comparisons between incubation 
experiment results and global observations allow the quantification of the effect of streambed 
GHG production, in relation to increasing temperature, on GHG efflux from streams and 
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rivers. Incubation experiments and global observations represent different scales and natural 
conditions; therefore, these increases in effluxes represent an estimate of the influence of 
streambed GHG production at different temperatures and some caution needs to be exercised 
when predicting field fluxes under future climate change. 
While the issues with upscaling incubation experiments to surface water emissions are 
appreciated, when used as an approximation (as above), the temperature-induced increase in 
CO2 emissions identified in this study contradicts previous research that warming does not 
increase CO2 emissions from surface waters53. Previous research has focused on surface 
water only (not accounting for streambed sediment contributions) and noted that CO2 
emissions may be affected by temperature if ecosystem respiration and gross primary 
production are independent53. Our results indicate the importance of considering streambed 
respiration, which has been largely unaccounted for in C efflux despite knowledge of its 
importance8,54, and subsequent CO2 production, in C fluxes from streams and rivers, as this 
may alter the temperature-dependence of CO2 emissions.  
4.4 Summary 
 
Future research on the environmental factors driving high GHG production rates in 
streambed sediments is required to fully understand stream carbon dynamics and emissions, 
and their response to future climates, to enable upscaling of GHG emissions to national and 
global scales. Research presented herein demonstrated that upscaling estimates of stream 
global carbon cycling in response to temperature must account for local and regional scale 
complexity in streambed geology and sedimentology. Previous research has predominantly 
displayed exponential responses of GHG production to warming28,30. Our results highlight 
non-linearity, which is not exponential, and threshold responses of streambed GHG 
production in response to streambed warming, with temperature sensitivity varying greatly 
with substrate, OM content, and geological origin. Our results, therefore, demonstrate the 
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importance of considering streambed production when estimating the contribution of 
freshwater ecosystems to global GHG emissions; especially due to observed non-linearity in 
streambed GHG production with increased temperature.  
4.5 Methods 
 
4.5.1 Sediment Collection 
 
Sediment was collected from the top 10 cm of the streambed in the River Tern and the River 
Lambourn, UK in September 2015. To achieve a gradient of OM contents in the samples the 
sediment was collected from areas with the following characteristics: silt-dominated sediment 
underneath vegetation (1), sand-dominated sediment from unvegetated zones (2) and gravel-
dominated sediment from unvegetated zones (3). The sediment was sieved (type 1 at 0.8 cm, 
and types 2 and 3 at 1.6 cm), to avoid large stones dominating a large proportion of the 
sediment within the incubation jar, and homogenised. The sediment was then stored air tight, 
in the dark, at 4±1°C, for 9 weeks between collection and the beginning of the last 
temperature incubation. To minimise any potential effects of sediment storage the order of 
the temperature treatments was randomised, rather than performed in sequence e.g. from the 
lowest to highest temperature.  
4.5.2 Incubation experiments 
 
The incubations were performed with 300 ml sediment and 500 ml ultrapure water (18.2 
M) in pre-weighed 1 l amber glass jars (acid (10% HCl) and ultrapure water-rinsed) with 
lids with septa. Ultrapure water was used to allow sediment processes to be investigated 
independently of stream water solutes and microbes. Controls of 500 ml ultrapure water (18.2 
) with no sediment were also prepared. The 3 substrate types from the 2 geological 
origins, as well as the control experiments, gave a total of 7 substrates, which were ran in 
triplicate resulting in 21 incubation jars per temperature treatment (Figure 4.1). Once the 
samples were added the jars were placed, with lids ajar, into an incubation oven at treatment 
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temperature for 3 days prior to the beginning of the incubation time period. The incubations 
were performed for 5 hours at 5, 9, 15, 21 and 26°C. Sampling occurred at 0 and 5 hours as 
described below. 
To enable the results from these incubation experiments to reflect in-situ processes, real 
world conditions were emulated as closely as possible by manually swirling sediment slurries 
after the addition of the ultrapure water. This allowed for re-sorting of sediments with heavier 
particles at the base and finer particles settled on the top, to mimic natural sediment sorting 
and deposition conditions. Additionally, once incubated, the disturbance within the system 
was minimised to avoid any impact either on dissolution of headspace O2 into the water and 
sediments, and the ebullition-based fluxes of GHG, particularly CH4. This allowed for 
comparing fluxes from sediments of different texture and OM content, across the different 
geologies, under a constant sediment surface area. Thus, differences in sediment porosity 
constraints on oxygen diffusion were minimized to avoid experimental anomalies, and 
subsequent effects on production rates and CH4:CO2 ratios. 
Prior to the start of the experiment a 15 ml water sample was also taken and ran as a 
background sample on the fluorometer, this water was then returned to the correct incubation 
jar. One sample each for the Lambourn and the Tern were kept for later use in fluorometer 
calibration. 
4.5.2.1 T=0 hours 
 
At t=0 a jar was removed from the incubation oven, opened and 5 ml of (between 14.5 and 
15.4 ppb) Raz solution was added to the water column and stirred.  A 15 ml water sample 
was taken and filtered (0.45m ultrapure water-washed (18.2 ) nylon) into the 
fluorometer to measure the Raz and Rru absorbance, after measurement the sample was 
returned to the incubation jar to maintain water volume. The fluorometer was rinsed with 
ultrapure water (18.2 M) between samples. The oxygen concentration of the water column 
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was measured (FireSting Fibreoptic DO probe), and the headspace of the jar was equilibrated 
with the surrounding air and the jar closed. The oxygen concentration of the headspace was 
measured with a needle probe (FireSting Fibreoptic DO probe) through the septa of the lid, 
and 2x15 ml gas samples were taken in a syringe (helium-rinsed) into pre-evacuated 12 ml 
exetainers.  The jar was then placed back into the incubation oven. This procedure was 
repeated for all jars. 
4.5.2.2 T=5 hours 
 
The incubation jar was removed from the incubation oven and oxygen of the headspace and 
gas samples taken as described above. The jar was then opened and the procedure for t=0 was 
followed to measure Raz, Rru, and oxygen. 
4.5.3 Determination of water, sediment, OM and carbonate content 
 
Following the incubation experiments the jars were weighed to give a wet weight, and dried 
in an oven at 65°C for 3 days, followed by 105°C for 1 day. The jars were then weighed 
again to provide a dry sediment weight and a water weight for each jar. The dry sediment of 
5°C was used to determine the OM and carbonate contents of the sediment types55. The 
sediment was sieved (2 mm), homogenised and a sub-sample of each jar sediment was placed 
into a pre-weighed crucible. The sample was dried at 105°C overnight and weighed, resulting 
in subsamples of 14.8 to 24.8 g of dry sediment. The crucibles were then placed into a 
furnace at 550°C for 6 hours and then weighed to determine the OM content of the sediment. 
The crucible was replaced in the furnace at 950°C for 6 hours and then weighed to determine 
the carbonate content of the sediment.    
4.5.4 Aerobic MMA- Raz and Rru Concentration 
 
The Raz-Rru system has been developed as a reactive tracer due to the utilisation of Raz as 
an electron acceptor in aerobic respiration, resulting in the irreversible conversion of Raz to 
Rru56,57. Rru production can, therefore, be used as a proxy for aerobic MMA56,57, Rru 
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production is usually normalised by the amount of Raz detected in samples, to account for 
any losses of the tracer from the system. As we performed experiments in closed jars, we 
only measured Rru in the samples. The concentration of Rru in the samples were measured 
on a fluorometer (GGUN FL30 (Albilia Sarl, Switzerland)) as a proxy for aerobic microbial 
metabolism56, with lamps set to detect the fluorescence of Rru58. Two fluorometers were used 
to ensure reading accuracy and the fluorometers were calibrated once a week with 
background water, Rru (100 ppb) and a mixture (50 ppb Raz, 50 ppb Rru). Fluorometer 
performance data was calculated using a 93.1 ppb standard of Rru, which resulted in an 
accuracy and precision of 0.4 and ±0.7 ppb. The LOD for the GGUN FL30 fluorometers is 1 
ppb for Rru58. The concentration of Rru in the measured samples ranged from 0.0 to 139.6 
ppb, therefore, some samples were below the LOD of the fluorometers. The maximum hourly 
production rate (dependent on the amount of Raz added to the jar) yielded from a Rru 
concentration of 1 ppb was 1.7 ng Rru g-1 Raz hr-1, and any samples below the LOD are 
presented here as actual values, accounting for some of the low MMA rates observed.  
The design of the GGUN FL30 fluorometer allows a one-point calibration of 100 ppb Rru to 
be sufficient for these concentrations, here a two-point calibration was performed to improve 
data quality. 
4.5.5 Carbon Dioxide and Methane Concentration 
 
The concentration of carbon dioxide and methane in the gas samples was determined using 
an Agilent 7890A Gas Chromatograph (GC) - Flame Ionisation Detector (FID). The FID 
measures methane and so the carbon dioxide was methanised with a catalyst before passing 
to the FID. The GC had a 1 ml sample loop in a splitless orientation, and an oven temperature 
of 60°C. The FID was set to 250°C with a hydrogen flow of 48 ml min-1, air flow of 500 ml 
min-1 and a make-up nitrogen (pure) flow of 2 ml min-1. The run time was 7 minutes and the 
gases eluted at 3.5 and 5.7 minutes for methane and carbon dioxide, respectively. Machine 
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performance data was calculated using an external standard with concentrations of 1051 ppm 
CO2 and 9.8 ppm CH4. This resulted in an accuracy, precision and LOD of 13.4, ±14.8 and 
8.2 ppm, and 0.07, ±0.11 and 0.15 ppm, for CO2 and CH4, respectively. 
4.5.6 Temperature coefficient values (Q10) 
 
The temperature coefficient value (Q10) quantifies the temperature dependence of a biological 
process, and is here used to investigate the biological processes of MMA, and CO2 and CH4 
production. The Q10 value of a process is calculated using equation 159. 








                                                      (1) 
Where Process is the biological process under consideration at T1 and T2, and T1 and T2 are 
the respective temperatures at which Process was measured. Although Q10 values are 
typically calculated where T1 and T2 are 10°C apart, using the form of the Q10 equation given 
above allows T1 and T2 to have different temperature intervals. Q10 values were calculated 
between the different incubation temperatures, so that T1 and T2 were 5 and 9, 9 and 15, 15 
and 21, and 21 and 26°C (see Table 4.S-4). 
4.5.7 Statistical Inference 
 
We base our inference regarding the relationships between temperature, sediment type and 
GHG emissions upon the linear model: 
                                                   𝑦(𝑠, 𝑡) = ∑{I𝑖(𝑠)𝛼𝑖 + I𝑖(𝑠)𝛽𝑖𝑡}
6
𝑖=0
+ 𝜀,                                            (2) 
where 𝑦(𝑠, 𝑡) is the measured emission from sediment class 𝑠 at temperature 𝑡,  I𝑖(𝑠) is an 
indicator function that is equal to one when 𝑖 = 𝑠 and is zero otherwise, the 𝛼𝑖 and 𝛽𝑖 are 
model coefficients for the intersect and gradient terms and each 𝜀 is independent and realized 
from a Gaussian distribution with zero mean and constant variance. Thus, each response 
curve is represented by a linear function. The seven sediment classes are: 0 – control, 1 – 
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chalk fine, 2 – chalk medium, 3 – chalk coarse, 4 – sandstone fine, 5 – sandstone medium and 
6 – sandstone coarse.  
We estimate the model coefficients 𝛍 = [𝛼0, … , 𝛼6, 𝛽1, … , 𝛽6]
T for each GHG variable 
(where T denotes the transpose) by maximum likelihood. Where the residuals that result are 
inconsistent with the Gaussian assumption, a shift and a log transform are applied to the data 
and the model is re-estimated until approximately Gaussian residuals are achieved.  
We initially apply ANOVA tests to the null hypotheses that 𝛼0 = 𝛼1 = ⋯ = 𝛼6 and 𝛽0 =
𝛽1 = ⋯ = 𝛽6.  If these hypotheses can be rejected at the 0.05 level we then explore the 
factors causing variation in the 𝛼𝑖 and/or 𝛽𝑖. We control the Type-1 errors across the 




























, i.e. comparing the intersect for sandstone fine to the average of that for the 




, i.e. comparing the intersect for the control to the average of those for fine 
sediment classes. 
If appropriate, the same comparisons were applied to the 𝛽𝑖 gradient coefficients. The 
probability of achieving the estimated value of each contrast if the true value is zero, was 
then calculated by a Wald test following the methodology described by Lark and Cullis 
(2004). 
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If either of the initial ANOVA hypotheses cannot be rejected then the corresponding  𝛼𝑖 or 
𝛽𝑖 in the model are replaced by a single constant coefficient and the remaining parameters are 
re-estimated before the above contrasts are tested.  
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4.8.1 Statistical Analysis 
 
Table 4.S-1. Estimated value of each intersect and gradient contrast and the probability of 
these estimates being achieved under the null model Ci=0 for 𝑙𝑜𝑔(𝑅𝑟𝑢 + 0.1). Significant p-





Table 4.S-2. Estimated value of each intersect and gradient contrast and the probability of 
these estimates being achieved under the null model Ci=0 for 𝑙𝑜𝑔(𝐶𝑂2 + 0.1). Significant p-






Table 4.S-3. Estimated value of each intersect and gradient contrast and probability of these 
estimate being achieved under the null model Ci=0 for 𝑙𝑜𝑔(𝐶𝐻4 + 0.01). Significant p-
values are in bold.   
Estimated value p Estimated value p
ANOVA <0.01 <0.01
C1 -0.13 0.82 -0.16 <0.01
C2 1.16 0.14 0.01 0.64
C3 3.28 <0.01 -0.04 0.35
C4 2.11 <0.01 0 0.95
C5 -1.57 0.11 -0.29 <0.01
Contrast
Intersect: a i Gradient: b i
Estimated value p Estimated value p
ANOVA <0.01 <0.01
C1 -1.82 <0.01 -1.01 <0.01
C2 -6.01 <0.01 0.46 <0.01
C3 10.59 <0.01 1.47 <0.01
C4 12.93 <0.01 0.65 <0.01
C5 -15.79 <0.01 -3.57 <0.01
Contrast






4.8.2 Oxygen results 
 
In general, the oxygen concentration of the water column decreased with increasing 
temperature, resulting in a large difference between the lower and higher temperatures. For 
example, Chalkfine had an oxygen concentration of 7.22±0.41 mg l-1 at 5°C and 2.23±0.37 mg 
l-1 oxygen at 26°C. The oxygen concentration of the water column showed a similar trend for 
both the Chalk and the Sandstone sediments, and was similar from 5 to 15°C, between 
5.45±0.88 and 9.38±0.47 mg l-1, before decreasing to a similar concentration for 21 and 26°C 
between 0.53±0.12 and 6.28±0.47 mg l-1, resulting in anaerobic conditions in some 
sediments. However, the oxygen content was lower in Chalk fine than Sandstone fine, with 
2.23±0.37 mg O2 l-1 in the Chalk and 3.70±0.25 mg O2 l-1 in the Sandstone at 26°C. 
The controls showed a decrease in oxygen concentration with increasing temperature, as 
expected due to the physical controls over oxygen solubility, with oxygen being more soluble 
in colder water. This decrease is not as pronounced in the control as in the sediment 
treatments, decreasing by 37% from 5 to 26°C, whereas the Chalk fine oxygen concentration 
decreased by 69% over the same temperature range.  
Estimated value p Estimated value p
ANOVA 0.17 <0.01
C1 NA NA -0.08 <0.01
C2 NA NA 0.06 <0.01
C3 NA NA 0.16 <0.01
C4 NA NA 0.14 <0.01
C5 NA NA -0.36 <0.01
Contrast
Intersect: a i Gradient: b i
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Figure 4.S-1. DO concentration plotted against temperature for a. Chalkfine, b. Chalkmedium, c. 
Chalkcoarse, d. Sandstonefine, e. Sandstonemedium, f. Sandstonecoarse and g. Control. Also shown 
























Table 4.S-4 Temperature coefficient (Q10) values of CO2, CH4 and MMA with temperature 






















5 and 9 Chalkfine 2.1 0.3 2.6
5 and 9 Chalkmedium 0.0 0.1 0.6
5 and 9 Chalkcoarse 0.0 1.1 0.0
5 and 9 Sandstonefine 0.0 0.6 421.1
5 and 9 Sandstonemedium 0.0 0.5 -
5 and 9 Sandstonecoarse - 3.5 -
5 and 9 Control - 1.0 -
9 and 15 Chalkfine 9.0 8.1 134.9
9 and 15 Chalkmedium - 80.6 115.6
9 and 15 Chalkcoarse - 0.1 9.5
9 and 15 Sandstonefine - 2.7 227.6
9 and 15 Sandstonemedium - 4.0 7.2
9 and 15 Sandstonecoarse - 9.1 0.9
9 and 15 Control - 0.7 1.0
15 and 21 Chalkfine 22.2 1.4 9.3
15 and 21 Chalkmedium 1425.3 2.3 163.2
15 and 21 Chalkcoarse 13.0 3505.2 78.8
15 and 21 Sandstonefine 3.3 0.8 4.1
15 and 21 Sandstonemedium 52.6 1.8 4.1
15 and 21 Sandstonecoarse 65.9 1.0 10.1
15 and 21 Control - 0.2 -
21 and 26 Chalkfine 0.9 2.3 0.1
21 and 26 Chalkmedium 0.2 1.5 0.0
21 and 26 Chalkcoarse 2.0 100.3 0.0
21 and 26 Sandstonefine 2.0 4.9 12.2
21 and 26 Sandstonemedium 2.3 4.6 0.1
21 and 26 Sandstonecoarse 2.3 4.0 10.1
21 and 26 Control - 0.6 -
 103 
 
Figure 4.S-2. CH4:CO2 ratios plotted against temperature for a. Chalkfine, b. Chalkmedium, c. 
Chalkcoarse, d. Sandstonefine, e. Sandstonemedium, f. Sandstonecoarse and g. Control. 
Figure 4.S-3. Hourly production plotted against temperature for control experiments, also 
shown are the slope and adjusted r2 of the linear models. A. Rru production, b. CO2 
















































































Chapter 5: Sediment type and season as factors controlling nutrient cycling 
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Since streams and rivers have been recognised as ‘active pipelines’, where biogeochemical 
processes alter solutes transported in their water, there has been an increase in interest in their 
role in the carbon cycle1–4. Carbon turnover in inland waters is substantial, with 0.8 Pg of 
carbon released directly to the atmosphere annually through gas exchange as CO2, which 
accounts for up to 50% of the carbon in inland waters1,4–6. The carbon turned over in streams 
and rivers is predominantly due to respiration, producing CO2 as well as CH4. The production 
of GHGs in freshwater environments results in surface waters which are often supersaturated 
with respect to the atmosphere3,7–13, resulting in outgassing from streams and rivers14. 
Streams and rivers have recently been recognised as globally important with respect to 
carbon emissions, contributing 1.8 Pg CO2-C yr-1 3, and 26.8 Tg CH4-C yr-1 15 into the 
atmosphere. The flux of CH4 is relatively small compared to the CO2 flux, however, when 
considered as carbon equivalents it may offset over 25% of the terrestrial carbon sink, and 
CH4 fluxes can be regionally significant16–18. Of disproportionate importance are small 
streams, which are estimated to contribute ~15% of the annual CO2 flux from streams and 
rivers3.  
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The majority of research into GHG production in streams and rivers has focused on surface 
water fluxes to the atmosphere3,14,19,20. However, stream sediments are ‘hotspots’ of nutrient 
spiralling and metabolic activity, with 40 to 90% of total stream metabolism resulting from 
hyporheic exchange21, producing enhanced rates of carbon turnover4,22–33. 
Increased carbon turnover in the streambed leads to greater GHG concentrations in sediments 
than surface waters, with concentrations as high as 5 mmol CO2 l-1 and 134 mol CH4 l-1 
observed in streambeds34,35. Despite recent research indicating the global importance of 
carbon emissions from streams and rivers, as well as observations of elevated concentrations 
in porewaters relative to surface waters, the importance of streambed contributions to overall 
C emissions and drivers of enhanced concentrations in sediments remain insufficiently 
understood1,2,4,6,36. Developing this understanding is of increasing importance given projected 
changes in climate and land use, which are expected to increase CO2 and CH4 production15,37–
40. 
CO2 and CH4 are end-products of respiration controlled by metabolism, residence time, 
temperature, substrate availability (e.g. DOC) and terminal electron acceptor availability (e.g. 
DO)41–51. Residence time and redox conditions are further controlled by sediment type, with 
sand sediments typically having greater resident times and anoxia than gravel 
sediments43,52,53. 
Sediment type also greatly affects CO2 and CH4 production, with fine sediments acting as a 
source of both CO2 and CH47,12,15,35,54, and coarse, gravel sediments acting as a source of CO2 
and a sink of CH455. CH4 production in particular is heavily influenced by fine, OM-rich 
sediments7,15,56,57, which are often present in streams of agricultural catchments15. Carbon 
cycling in agricultural streams is also greatly influenced by the quantity and quality of carbon 
entering the stream58,59. 
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This study investigates streambed carbon cycling in an agriculturally-impacted catchment, 
focussing on concentrations of CO2 and CH4, and factors controlling their production. We 
hypothesise that the substantial anthropological influence on the study stream and other 
agricultural streams will result in large concentrations of CO2 and CH4 in the streambed. 
Furthermore, we aim to determine whether sediment type (sand versus gravel) and season 
(influenced by temperature and substrate availability), influence the CO2 and CH4 
concentrations observed. 
5.2 Materials and Methods 
 
5.2.1 Study Site 
 
 
Figure 5.1a. The location of the Wood Brook within the UK and the location of the study 
reaches within the Wood Brook. Shown are the direction of the stream flow (black arrow), 
areas of woodland (green) and areas of fields (white), b. A diagram of the position of the 
piezometers within the three experimental reaches, and c. A diagram of the multilevel 
piezometers and diffusive equilibrium in thin-film gels used to sample the sediment 
porewaters. 
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The experiment was conducted in Wood Brook at BIFoR, Staffordshire, UK. Wood Brook is 
located in a mixed-use catchment where most of the area is arable land used for potatoes and 
winter wheat60, with patches of deciduous woodland (Figure 5.1). The experiment focused on 
a 700 m reach of the Wood Brook, which flows through arable land before entering the study 
reach. The reach itself is located at the border between arable land and mature deciduous 
woodland, so that at the upstream end of the reach the stream is bordered by fields on one 
side and woodland on the other, before flowing into the woodland so that further downstream 
there is some woodland between the stream and the arable land. The regional groundwater 
aquifer is red Permo-Triassic sandstone on top of which are glacial till deposits (up to 10 m 
depth), overlain by sandy clay sediment between 0.15 and 0.6 m depth60. 
5.2.2 Experimental Setup 
 
Water samples were collected seasonally from three distinct reaches within the main 
experimental reach (Figure 5.1a and b), in July 2016, October 2016, January 2017 and March 
2017. Each reach had varying characteristics (Table 5.1) with the primary difference being 
that the sediments of reaches 1 and 2 were predominantly sand and those of reach 3 were 
predominantly gravel. The three reaches were spread throughout the experimental area so that 
the effect of land-use, from agricultural to woodland, on porewater chemistry and 
downstream transport was captured.   
Table 5.1. Average key characteristics from each reach. Presented are the 3-dimensional flux 
of porewater through the streambed and the organic matter content of the sediment 
determined by loss on ignition. 
 
5.2.2.1 Water Chemistry Sampling 
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Porewater samples were manually extracted at depths of 10 and 20 cm from multi-level 
piezometers installed into the streambed (Figure 5.1c). A surface water sample was also taken 
at each reach, during the period of piezometer sampling. Once collected, DO and temperature 
(YSI ProODO or EcoSense ODO200), and pH and electrical conductivity (Hanna HI98129) 
were immediately measured. Water samples were then filtered (0.45 then 0.22 m Thames 
Resteck Nylon, ultrapure water-rinsed (18.2 M)) into sterile centrifuge tubes (10% HCl-
rinsed), and frozen until analysis.  
5.2.2.2 Gas Sampling 
 
Gas samples for analysis of GHG concentrations were generated in the field using a 
headspace equilibrium method. A 14 ml, ultrapure helium headspace was introduced to a 7 
ml porewater sample, and shaken for 2 minutes to allow equilibration between gases in the 
porewater and the headspace. The headspace was then injected into a pre-evacuated exetainer 
and the gas sample was stored in the dark, at room temperature. 
5.2.2.3 DOC Analysis 
 
DOC concentrations were analysed on a Shimadzu Total Organic Carbon analyser (TOC-L 
CPH with ASI-L autosampler), with an accuracy and precision of 0.16 and ±0.45 mg l-1 for a 
15 mg l-1 standard, respectively. The LOD was 0.5 mg l-1.  
5.2.2.4 Gas Analysis 
 
The concentration of carbon dioxide and methane within the headspace gas samples were 
measured using a GC (Agilent 7890A) fitted with an FID for methane analysis and a thermal 
conductivity detector (TCD) for carbon dioxide analysis. The GC was used in splitless mode 
with a 250 l sample loop, a 60°C oven temperature, a 250°C FID temperature and a 250°C 
TCD temperature. Helium was used as a carrier gas with a flow rate of 25 ml min-1, and the 
FID was set up with a hydrogen flow of 30 ml min-1 and an air flow of 400 ml min-1. A run 
time of two minutes was used, with methane and carbon dioxide eluted at 0.6 and 0.97 
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minutes, respectively. 1500 ppm standards of CO2 gave an accuracy and precision of 275 and 
±326 ppm, and 1000 ppm standards of CH4 gave an accuracy and precision of 35 and ±11 
ppm. The LOD was 0.5 mg l-1 and 0.5 g l-1 for CO2 and CH4, respectively. The headspace 
concentration was converted to porewater concentration using Henry’s constant61,62. 
 13CCO2 Analysis 
 
13CCO2 analysis was performed at the Life Sciences Mass Spectrometry Facility, Centre for 
Ecology and Hydrology, Lancaster, UK. 13CCO2 ratios were measured on a Preconcentrator 
(Isoprime Tracegas) coupled to an isotope ratio mass spectrometer (IRMS) (Isoprime, 
Elementar UK, Stockport). 60 to 600 l (depending on sample concentration) of gas sample 
was injected into the Preconcentrator, and water was removed by a magnesium perchlorate 
chemical trap. The CO2 was then cryogenically focussed before passing into the IRMS 
through an open split. A 500 ppm standard, calibrated against certified reference material 
CO2-heavy (NIST number 8562), resulted in a precision ≥ ±0.12‰. 
5.2.2.6 Statistical Inference 
 
A linear mixed-effects model was fitted using the residual maximum likelihood in the nlme 
package in R, to determine the effect of reach and season on carbon cycling. To account for 
the repetition in sampling with time, the data were nested by season, and where the residuals 
did not fit the Gaussian assumption the data were shifted and transformed. The Akaike 
Information Criterion (AIC) was used to judge whether a model with (Equation 1) or without 
(Equation 2) the interaction between reach and season should be considered, with the model 
with the lowest AIC used.  
                                         𝑦𝑖𝑗𝑘 =  𝜇 + 𝛼𝑖 + 𝛽𝑗 + (𝛼𝛽)𝑖𝑗 + 𝛾𝑘 + 𝜀𝑖𝑗𝑘,                                     (1) 
where 𝑦𝑖𝑗𝑘 is the observation for reach 𝑖, season 𝑗 and sample 𝑘; 𝜇 is the mean of 𝑦;  𝛼𝑖 is the 
fixed effect for reach 𝑖; 𝛽𝑗 is the fixed effect for season 𝑗; (𝛼𝛽)𝑖𝑗 is the interaction fixed 
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effect for reach 𝑖 and season 𝑗; 𝛾𝑘~𝑁(0, 𝜎𝛾
2) is the random event for the sample and 
𝜀𝑖𝑗𝑘~𝑁(0, 𝜎
2) is the residual. 
                                                    𝑦𝑖𝑗𝑘 =  𝜇 + 𝛼𝑖 + 𝛽𝑗 + 𝛾𝑘 + 𝜀𝑖𝑗𝑘,                                         (2) 
where 𝑦𝑖𝑗𝑘 is the observation for reach 𝑖, season 𝑗 and sample 𝑘; 𝜇 is the mean of 𝑦;  𝛼𝑖 is the 
fixed effect for reach 𝑖; 𝛽𝑗 is the fixed effect for season 𝑗; 𝛾𝑘~𝑁(0, 𝜎𝛾
2) is the random event 
for the sample and 𝜀𝑖𝑗𝑘~𝑁(0, 𝜎





DOC concentrations in the surface water were generally similar downstream, with a slight 
decrease observed in Spring and Autumn (Figure 5.2). The concentration of DOC was 
highest in Summer. 
DOC concentrations did not vary greatly between reach, although concentrations in reach 2 
were slightly higher than in reaches 1 and 3 in Autumn (Figure 5.2). Average DOC 
concentrations in the piezometers were season-dependent, with lowest concentrations found 
in Winter and Spring. 
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Figure 5.2. Porewater DOC concentrations at 10 (black) and 20 (grey) cm depth, with 
surface water concentrations for each reach shown with a blue line. The black arrow 
represents direction of surface flow from upstream to downstream.  
5.3.2 Carbon Dioxide 
 
CO2 concentrations in the surface water were generally similar in reaches 1 and 2, which 
were greater than in reach 3 (Figure 5.3), with maximum concentrations observed in Winter. 
CO2 concentrations were generally highest in reach 2 and lowest in reach 3, which was 
consistent across all seasons (Figure 5.3). There was little variation in CO2 concentrations 
between seasons. 
 
Figure 5.3. Porewater CO2 concentrations at 10 (black) and 20 (grey) cm depth, with surface 
water concentrations for each reach shown with a blue line. The black arrow represents 




CH4 concentrations in the surface water were generally low in all seasons and reaches, and 
did not vary greatly between reach (Figure 5.4). Although similar, concentrations were 
generally greatest in Winter and Spring.  
CH4 concentrations were generally highest in reaches 1 and 2, and lowest in reach 3, which 
was consistent across all seasons (Figure 5.4). Variation in CH4 concentrations between 
seasons was low. 
 
Figure 5.4. Porewater CH4 concentrations at 10 (black) and 20 (grey) cm depth, with surface 
water concentrations for each reach shown with a blue line. The black arrow represents 
direction of surface flow from upstream to downstream. 
5.3.4 CH4:CO2 
 
The CH4:CO2 ratios in the surface water were generally low and generally decreased 
downstream (Figure 5.5). The variation in CH4:CO2 ratio throughout the year was heavily 
dependent on reach with the largest ratio observed in reach 1 in Spring, in reach 2 in Autumn 
and in reach 3 in Summer. The smallest ratios observed also varied between reaches, with the 
smallest ratio observed in reaches 1 and 3 in Autumn, and in reach 2 in Spring. 
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CH4:CO2 ratios in the piezometers were generally highest in reach 2, and lowest in reach 3, 
which was consistent across all seasons (Figure 5.5). CH4:CO2 ratios varied by season but 
this was not consistent between reaches. 
 
Figure 5.5. Porewater CH4:CO2 ratios at 10 (black) and 20 (grey) cm depth, with surface 
water ratios for each reach shown with a blue line. The black arrow represents direction of 
surface flow from upstream to downstream. 
5.3.5 13CCO2 
 
13CCO2 ratios in the surface water did not show a consistent pattern between reaches. Ratios 
were generally similar, and tended to decrease downstream (Figure 5.6). 13CCO2 ratios did 
not vary greatly throughout the year. 
13CCO2 ratios were generally highest in reach 2, and lowest in reach 3, which was consistent 
across all seasons (Figure 5.6). There was some variation in 13CCO2 ratios between seasons, 
however, this was reach-dependent. 
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Figure 5.6. Porewater 13CCO2 ratios at 10 (black) and 20 (grey) cm depth, with surface 
water ratios for each reach shown with a blue line. The black arrow represents direction of 
surface flow from upstream to downstream.  
5.3.6 DO 
 
DO in the surface water was generally high with similar concentrations found in reaches 1 
and 2, and largest concentrations found in reach 3, which was consistent across seasons 
(Figure 5.7). Variation in DO throughout the year was low, however, the lowest DO was 
observed in Autumn. 
Clear trends in DO were not observed in the piezometers (Figure 5.7). All piezometers had 
DO concentrations below 50% saturation, except at 10 cm in piezometer 1, which had a 
similar DO concentration to the surface water of reach 1 in all seasons (between 77.7 and 
88.3%), and at 10 cm in piezometer 9 in Spring and Winter. Variation in DO was relatively 
small in Summer, with % saturation slightly higher in reach 3 than reach 1. 
 115 
 
Figure 5.7. Porewater DO at 10 (black) and 20 (grey) cm depth, with surface water DO for 
each reach shown with a blue line. The black arrow represents direction of surface flow from 
upstream to downstream.  
5.3.7 Temperature 
 
Trends in temperature between the reaches varied greatly depending on season (Figure 5.8). 
Temperature varied throughout the year, with minimum temperatures found in Winter and 
maximum temperatures found in Summer. 
Clear trends in temperatures in the piezometers were not observed between reaches and 
seasons (Figure 5.8). In general, temperatures in the piezometers reflected those in the 
surface water of the respective reach. However, in reach 2 in Winter, temperatures were 




Figure 5.8. Porewater temperature at 10 (black) and 20 (grey) cm depth, with surface water 
temperatures for each reach shown with a blue line. The black arrow represents direction of 
surface flow from upstream to downstream. 
5.4 Discussion 
 
Surface water concentrations of DOC were relatively high compared to those typically found 
in agricultural and mixed-use catchments (0.38 to 4.64 mg C l-1 52,56,63,64), and showed little 
variation downstream, as observed previously63. However, there was a slight decrease from 
reaches 1 to 3 in Spring and Autumn. Highest DOC concentrations were found in the surface 
water in Summer and Autumn, which is likely due to C fixation within the stream60,65.  
CO2 and CH4 concentrations were generally greater than previous stream observations7,34,66–
70. However, observed ranges for CO2 were similar to those observed previously in a 
temperate peatland stream69, and maximum CH4 concentrations similar to those observed in 
an agricultural stream70 and a stream influenced by wetlands and spring ponds68. CO2 and 
CH4 concentrations typically decreased downstream, likely due to decreases in in-stream 
productivity downstream, and atmospheric equilibration.  
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In Autumn, although concentrations decreased from reaches 1 to 3, reach 2 had a greater 
concentration than reach 2, which was also observed in the DOC data. This increase in C, and 
subsequent increase in CO2 and CH4 production, in reach 2 during Autumn is attributed to a 
large amount of leaf litter observed in this part of the stream. The highest CO2 and CH4 
concentrations were found in Winter and Spring, which contradicted our predictions that the 
largest concentrations would be observed during periods of greatest microbial activity. The 
observations may be explained, however, by the increased solubility of gases in lower 
temperature water. CH4:CO2 ratios in the surface water were low, which was probably due to 
the oxidation of CH4 to CO2 within the water column. 
DOC concentrations observed in the porewaters were consistently high across all reaches, 
ranging between 5.5±0.2 and 98.9±2.8 mg l-1, with no significant difference between reach 
observed (p-value = 0.221, Table 5.2). The DOC concentrations observed were greater than 
those typically observed in agricultural streams (0.95-16.6 mg l-1)34,46,52,71. The DOC was 
high year-round, although there was a statistically significant (p-value = 0.000, Table 5.2) 
increase in DOC from lowest concentrations in Winter and Spring, to highest concentrations 
in Summer. Elevated concentrations in summer are likely due to an increase in C fixation by 
microbial communities within the stream during this time60,65, and have been observed 
previously in gravel sediments 34. These high carbon concentrations, coupled with the known 
increase in dissolved OM availability to microbes in agricultural landscapes72,73, have the 
ability to maintain high rates of metabolism year-round, which may have large implications 
for nutrient spiralling, preventing any carbon limitation. This is particularly important in this 




Table 5.2. Results of the statistical analysis results from the linear mixed-effects modelling, 
significant p-values are shown in bold.  
 
CO2 and CH4 concentrations were consistently elevated in the sediments compared to the 
surface water, which is consistent with previous observations34,66. The greatest concentrations 
of carbon dioxide, methane, ratios of CH4:CO2 and 13CCO2 ratios were co-located in the sand 
sediments of reach 2, with high concentrations and ratios also found in the sand sediments of 
reach 1. This resulted in statistically significant differences in CO2, CH4 and 13CCO2 between 
reaches (p-value = 0.000, 0.000 and 0.000, respectively, Table 5.2), and reflects increased 
residence times and areas of anoxia, which are typically associated with sand 
sediments28,52,53, resulting in greater metabolic rates. Additionally, methane production is 
typically greater in fine, OM-rich sediments, explaining an increase in methane 
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concentrations in the sand sediments7,15,56,57. Low CH4:CO2 ratios were observed in reach 3, 
which may be due to oxidation of CH4 to CO2 in these generally oxygenated sediments, and 
that gravel sediments are usually sources of CO2 but sinks of CH455. 
Carbon dioxide concentrations found in the porewaters of reach 1 were similar to previous 
observations of CO2 in stream sediments, which ranged between 4.3 and 14.5 mg l-1 34,74, 
however, maximum concentrations observed here were greater than these. The lowest of 
these previously observed values are from gravel sediments, suggesting sand sediments are 
characterized by higher concentrations. Previous work has shown that the contribution of 
gravel bar CO2 to the atmosphere is significant75, however, the low concentrations found in 
the gravel sediments here show that sand bedforms may be of greater importance. CO2 
concentrations in the porewaters of reach 2 were greater than those previously observed, with 
a maximum concentration of 45.4±1.0 mg l-1. Larger CO2 concentrations (231 mg l-1) have 
been observed previously in the streambed35, however these were observed in fine sediments 
trapped below macrophytes where substrate is plentiful.  
The patterns in CH4 concentrations were similar to those of the CO2. The porewaters of 
reaches 1 and 2 had large ranges of CH4 concentrations (4.1 g l-1 to 20.8 mg l-1 and 600 g l-
1 and 21.0 mg l-1, respectively), which have been observed previously in a gravel bar (8.7 g 
l-1 to 11.8 mg l-1)67. The maximum concentration observed here, however, was much greater, 
probably due to residence times and anoxia typically being greater in sand than gravel 
sediments. Although the maximum concentrations were similar between reaches 1 and 2, 
concentrations in reach 2 were generally greater than in reach 1, and concentrations in both 
reaches were generally greater than those previously observed7,34,66,70,74. 
The observed carbon dioxide concentrations within the gravel sediments were similar to 
those seen previously in a gravel bar34. Here CO2 ranged from 3.9 to 11.9 mg l-1, virtually the 
same as those observed previously34. These values were not as low as those found in reach 1 
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and 2, which indicates that although gravel bars tend to have lower maximum concentrations 
of CO2, they also have lower ranges than sand sediments. This may be due to more 
heterogeneity and pockets of anoxia within the sand sediments, which may lead to lower 
concentrations of CO2 in certain areas. 
Methane concentrations in the gravel sediments were relatively low and were similar to those 
observed previously in a gravel bar34,66, with the maximum concentration observed here (2.5 
mg CH4 l-1) similar to previous research (2.2 mg CH4 l-1 34). However, these maximum 
concentrations were lower than previously observed gravel concentrations of 11.8 mg CH4 l-1 
67; this previous research indicates that a large range of methane concentrations should be 
expected in gravel sediments, with the lowest observed concentration only 8.7 g CH4 l-1 67. 
Surprisingly, given that fine, OM-rich sediments, ideal for methanogenesis, are typically 
found beneath vegetation7,15,70,76, the CH4 concentrations observed here in non-vegetated 
gravel sediments were similar, with a slightly greater maximum, to those observed in 
vegetated gravel sediments7. 
The seasonal variation of carbon dioxide and methane within the sediments was relatively 
small, with large concentrations observed throughout the year. The concentration of CO2 did 
not vary significantly throughout the year (p-value > 0.445, Table 5.2), however, the 
concentration of CH4 was significantly different between season (p-value < 0.003, Table 5.2). 
This contradicts previous work in a gravel bar, which has shown significant increases in 
carbon dioxide and methane concentrations during summer months (11.04±1.8 mg CO2 l-1 
and 302±71 g CH4 l-1 in Summer, and 4.3±0.27 mg CO2 l-1 and 129±36 g CH4 l-1 in 
Winter)34, as well as significant increases in CO2 fluxes to the atmosphere in Summer75. To 
the authors knowledge there have been no other studies that measured concentrations of 
streambed CO2 and CH4 in Winter. Given the large concentrations found year-round in this 
study, further work is required to determine the concentrations of CO2 and CH4 in sediments 
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in all seasons in various systems, as well as the drivers controlling these. Here, temperature 
may have been controlling the low seasonal variation in CO2 and CH4 concentrations. 
Although temperature increased from 5-7°C in Winter to 14-17°C in Summer, this range was 
below the threshold of elevated temperature of 26°C, required to produce a substantial 
increase in sediment CO2 and CH4 production in sandstone streams. 
Surface water 13CCO2 ratios, were typically consistent between reaches and seasons, 
implying the sources and processes affecting the carbon entering the stream were similar both 
spatially and temporally. Porewater 13CCO2 ratios, however, differed significantly between 
reaches (p-value = 0.000, Table 5.2), with the greatest ratios found in reach 2, and the 
smallest ratios found in reach 3. This suggests that streambed carbon processing was different 
between the reaches, with in-situ CO2 production occurring. The positive, linear relationship 
between CO2 concentration and 13CCO2 ratio (Figure 5.9) provides further evidence of in-situ 
CO2 production; indicating that the 13CCO2 ratio becomes increasingly greater as more of the 
residual 13C-enriched carbon source is incorporated. 
The greatest in-situ CO2 production likely occurred in reach 2, where CO2 concentrations and 
13CCO2 ratios were greatest, with the lowest in-situ CO2 production occurring in reach 3 
where the opposite was observed. The sediments of reach 1 also indicate substantial in-situ 
production (Figure 5.9). Our results therefore indicate that in-situ CO2 production is greatest 
in sand than gravel sediments, although it should be noted that the source of carbon and its 





Figure 5.9. 13CCO2 plotted against CO2 concentration for a. Spring separated by reach, b. 
Summer separated by reach, c. Autumn separated by reach, d. Winter separated by reach, e. 
All data separated by reach and f. All data separated by season. 
Our results of high CO2 and CH4 concentrations in sand sediments of a small, non-vegetated, 
agricultural stream, which are systems known to contribute disproportionately to the annual C 
flux from streams and rivers3, may indicate that C fluxes are currently underestimated. This 
may further explain estimations that small streams contribute disproportionately to the global 
CO2 efflux from streams and rivers3. Bednařík et al., (2015)67 determined that the 
contribution of the benthic flux of CH4 from gravel sediments to overall CH4 fluxes from the 
surface water were negligible (<1%). Our study, however, resulted in much larger 
concentrations and was conducted in sand sediments, where anoxia is generally greater, and 
where organic carbon was high, which has been associated with high methane ebullition56. 
Therefore, there may be a larger contribution of the benthic flux to overall CH4 emissions 
here and further work is required to determine the contribution of benthic CH4 from sand 
sediments. Additionally, further work is required to fully develop our understanding of the 
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contribution of the total benthic CO2 and CH4 flux to overall stream emissions, and the 
factors controlling CO2 and CH4 production within streambed sediments. 
5.5 Conclusions 
 
We found that carbon turnover and large CO2 and CH4 concentrations, were controlled by 
sediment type, with significantly greater carbon turnover observed in the sand than gravel 
sediments. This resulted in the largest in-situ CO2 production and CH4:CO2 ratios observed in 
the sand sediments, indicating that CO2 and CH4 production was co-located, and relatively 
large concentrations of CH4 were occurring in these typically anoxic environments. We found 
large concentrations of CO2 and CH4, and in-situ CO2 production year-round, with no 
statistically significant seasonal influence observed on CO2 concentrations, which has 
potential implications for annual carbon fluxes from streams and rivers to the atmosphere. 
Our results have wide repercussions for stream management approaches, particularly in 
small, agricultural streams where fine sediment and OM loading is typically high. They 
suggest that the reduction of sand sediments could reduce the carbon turnover within 
streambed sediments, and subsequently decrease the carbon flux from streams. 
Further work to increase knowledge and understanding of carbon turnover and associated 
CO2 and CH4 production in streambed sediments, as well as the contribution of the benthic 
flux to the overall stream flux, is required. This is particularly important given that 
agricultural streams are a hotspot for fine sediment and OM loading15,77, which are predicted 
to increase due to future land-use change15, along with increased metabolic rates39. 
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6.1 Introduction 
 
Large inputs of nutrients, such as nitrate and ammonium, transported to freshwater 
ecosystems either directly or through subsurface flows, are a major issue in agricultural 
catchments1. This is due to high nitrogen concentrations often leading to eutrophication, 
causing a reduction in oxygen content, water quality, and adequate stream habitats1–4. 
Regulating surface water nitrate and ammonium concentrations in these environments is, 
therefore, of upmost importance to the overall health of these ecosystems. 
Within streams and rivers, sediments have been identified as hotspots of biogeochemical 
reactivity5–8, due to observations of increased residence time and substrate availability within 
these environments9–13. Sediments, therefore, tend to have large rates of nutrient attenuation, 
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leading to reductions in nitrate concentrations and subsequent improvements in surface water 
quality, ecosystem services and ecosystem health14–16. 
Although agricultural catchments often have large inputs of nutrients, they have also been 
identified as areas able to support dissimilatory reduction of nitrate to N2 gas, mainly through 
denitrification17–20. Denitrification is a key process in nitrate removal in stream sediments, as 
denitrification rates are usually elevated in the streambed relative to the surface water21. 
Streambed denitrification is controlled by substrate availability, C quality, redox conditions, 
temperature, enzyme activity and pH22–29, which are often influenced by sediment type. 
Additionally, recent work has shown that sediment residence times are a key control on 
denitrification, with short residence times unable to support substantial nitrate reduction, and 
long residence times resulting in complete denitrification and associated water quality 
improvements21. While denitrification is a permanent removal mechanism for the removal of 
reactive nitrogen, this process also produces the GHG N2O. 
Denitrification is a multistep reaction and N2O may be produced when the process is 
incomplete21,30,31, with the reduction of N2O via denitrification the only substantial pathway 
for the biological removal of N2O32. When nitrate concentrations are high, the relative 
amount of N2O produced by denitrification increases33, which may lead to high 
concentrations of N2O in aquatic ecosystems17–20. Agricultural catchments, therefore, are 
hotspots of anthropogenic N2O emissions34–36. N2O is also produced as a by-product of 
nitrification or dissimilative nitrate reduction to ammonium37–39, the latter being of minor 
magnitude compared to nitrification and denitrification. Although denitrification is known to 
be the predominant source of N2O in soils and hyporheic sediments40–42, recent research 
found ammonium oxidation was the major producer of N2O in estuarine sediments43. Further 
investigation, therefore, is required to explain the processes and environmental drivers 
controlling N2O production in sediments. Recent work addressing these research questions 
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determined that intermediate residence times lead to partial denitrification, resulting in a 
reduction in nitrate concentration and increase in water quality, but producing N2O21,44. For 
example, an optimal residence time of 9 hours for N2O production was determined in 
experiments conducted in sand dunes21. 
Production of N2O is crucial to understand given that it is a GHG approximately 298 times 
more potent than CO2 on a mole per mole basis45, with a large ozone-depleting potential 
compared to other anthropogenic substances46, in the 21st Century. Current estimates of N2O 
emissions from rivers predict ranges from 0.1 to 0.68 Tg N2O-N yr-1 47,48, depending on 
whether anthropogenic emissions are included, with the highest estimate equal to 
approximately 10% of global anthropogenic emissions48. Given the potential of streambeds to 
be a significant source of global N2O48–50, and that the factors controlling N2O production in 
stream sediments remain poorly understood21, research into streambed N2O production is 
crucial.  
Characterising the key processes of streambed denitrification and N2O production through the 
investigation of substrate, environmental and physical controls enables further understanding 
of key drivers. Fluorescein diacetate (FDA) hydrolysis and extracellular phenol oxidase 
activity provide information on substrate controls on microbial activity, and C and N uptake. 
FDA hydrolysis includes the activity of proteases, lipases and esterases in soils and 
sediments, which represents microbial-mediated organic carbon turnover and decomposition 
rates, through the secretion of these extra-cellular enzymes.  Sediment type can have a large 
influence on the quality and quantity of organic C, and thus FDA can be used as a surrogate 
of total microbial activity and organic C decomposition to understand biogeochemical 
reactivity51. This is particularly important in hyporheic sediments, where enzyme activity is 
poorly studied. Extracellular phenol oxidase activity is used to indicate the microbial 
decomposition of aromatic phenolic compounds, for the procurement of carbon and nutrients, 
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particularly N52.  This assay predominantly captures the activity of tyrosinase, monophenol 
oxidase and laccase enzymes, where phenolic compounds are oxidized using O2 as a terminal 
electron acceptor. Hence, combining the information gained from enzyme assays with in-situ 
observations of nitrogen cycling in the streambed, should provide a powerful tool to address 
unresolved research questions. 
Here we investigate denitrification in a small, agricultural stream, where denitrification and 
subsequent N2O emissions may be disproportionately important due to increased nutrient 
uptake and processing rates in small streams53.  We approach this through the determination 
of enzyme activity, denitrification potentials and in-situ porewater concentrations. We 
determine whether sediment type, specifically sand versus gravel sediments, supports 
differing rates of denitrification given the contrast in residence times and aerobic conditions 
typically observed in these sediments9,19,54. Additionally, we consider whether there is a 
seasonal trend in denitrification and nutrient and N2O concentrations, associated with annual 
variations in nitrogen and carbon inputs, and streambed temperatures.  
6.2 Materials and Methods 
 
6.2.1 Study Site 
 
Experiments were conducted in the Wood Brook (BIFoR, Staffordshire, UK), which is 
situated within a mixed-use catchment. The catchment is dominated by arable fields, 
predominantly used to grow potatoes and winter wheat55, with the rest of the catchment area 
comprised of young and mature deciduous woodland (Figure 6.1a). The catchment geology is 
red Permo-Triassic sandstone overlain by up to 10 m of glacial till deposits, which in turn are 
overlain by 0.15 to 0.6 m of sandy clay sediment55. 
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Figure 6.1a. The location of the Wood Brook within the UK and the location of the study 
reaches within the Wood Brook. Shown are the direction of the stream flow (black arrow), 
areas of woodland (green) and areas of fields (white), b. A diagram of the locations of the 
piezometers within each reach, and c. A diagram of the two sampling techniques used: 
multilevel piezometers sampled at 10 and 20 cm depth and diffusive equilibrium in thin-film 
gels. 
The experiment was conducted within a 700 m reach of the Wood Brook, downstream of an 
agricultural catchment dominated by arable and grass ley systems, where the stream flows 
just within a patch of mature deciduous woodland (Figure 6.1a). This resulted in the upstream 
end of the reach directly bordering the arable fields on one side, with the stream being 
separated from the fields by a narrow strip of woodland further downstream. Within the 
experimental reach, three smaller reaches were identified (Figure 6.1a), with sand sediments 
in reaches 1 and 2, and gravel sediments in reach 3. Further reach characteristics can be 
found in Table 6.1.  
Table 6.1. Average key characteristics from each reach. Presented are the dissolved oxygen, 
temperature, dissolved organic carbon, 3-dimensional flux of porewater through the 
streambed and the organic matter content of the sediment determined by loss on ignition. 
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6.2.2 Laboratory Incubation Experiments 
 
6.2.2.1 Sediment Collection and Storage 
 
Sediments were collected during June 2015 from two locations within the streambed, 
representative of the sand and gravel sediments found in the experimental reaches. Sediment 
samples were collected between 0 and 10 cm depth using an AMS slide hammer (5 cm dia.) 
and a trowel. Five pseudo-replicates of each sample were collected at each site. Sediment 
samples were homogenised and sieved (2 mm) within 36 hours of collection, and stored cold. 
6.2.2.2 OM Analysis 
 
Sediment subsamples were dried, crushed and sieved (2 mm), and approximately 10g of 
sediment was weighed into ceramic crucibles. Samples were placed into a furnace at 550°C 
for a minimum of 3 hours and then reweighed. The OM content was determined by the 
difference in sediment weight before and after combustion. 
6.2.2.3 FDA Hydrolysis Activity 
 
1g of homogenised air-dried sediment was weighed into 125 ml Erlenmeyer flasks, and 50 ml 
of 1 M tris-hydroxymethyl-aminomethane (THAM) buffer and 0.5 ml of FDA substrate were 
added to each flask. A blank sample of 1 M THAM buffer and FDA substrate with no 
sediment, and a control sample of sediment with 1 M THAM buffer and 0.5 ml of acetone, 
but no FDA substrate, were also prepared. The flasks were then mixed, stoppered and 
incubated at 37°C for 3 hours. After which, the flasks were removed from the incubator and 2 
ml of acetone was added to each flask to prevent further FDA hydrolysis. FDA substrate was 
added to the control and mixed thoroughly. Samples were then filtered (Whatman No.2) and 
the absorbance at 490 nm was measured on a spectrophotometer (Varian Cary UV-Vis). 
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6.2.2.4 Phenol Oxidase activity 
 
0.5 g of dried soil was weighed into four 15 ml centrifuge tubes (three replicates with one 
non-substrate control). 3 ml of deionised water was added and the tubes were gently mixed 
on a shaker for 10 minutes, after which, 2 ml of 10 mM dihydroxy phenylalanine (L-DOPA) 
was added to each replicate. The tubes were shaken on a platform shaker (100 rpm) for 30 
minutes at 25°C. After 30 minutes, the tubes were centrifuged for 15 minutes, at 4000 rpm at 
25°C, to terminate the reaction. The slurry was then filtered (GF/C filter paper) and the 
absorbance of the end colorimetric product, dopachrome, was determined at 475 nm on a 
spectrophotometer (Varian Cary). The phenol oxidase activity is reported here in mol of 
dopachrome formed g-1 soil hr-1 56. 
6.2.2.5 Denitrification potential 
 
10g of field-moist sediment was placed into 100 ml glass serum bottles. The bottles were 
wrapped in foil, to simulate dark conditions within the streambed, and then covered in 
parafilm and stored cold for less than 24 hours. The bottles were removed from the 
refrigerator prior to the incubation experiments to allow the samples to reach room 
temperature. 20 ml of the relevant stock solution (ultrapure water for the control incubations, 
30 mg NO3- l-1 solution for the nitrate-spiked incubations, 40 mg C (glucose) l-1 solution for 
the carbon-spiked incubations or a 30 mg NO3- l-1, 40 mg C l-1 solution for the mixed 
substrate incubations) was added to each bottle. The spiking with nitrate and glucose was to 
evaluate if denitrification was nitrate and/or C limited under induced anoxic conditions. 
Following addition of the substrates, the bottles were capped with a gas tight rubber septa and 
then flushed with oxygen-free Ar gas for 30 minutes to induce anoxic conditions and 10% of 
the headspace was replaced with pure acetylene gas to prevent the conversion of N2O to N257. 
Incubations were performed at 22°C on a reciprocating shaker at 400 rpm, and 7 ml gas 
samples were taken from the headspace at 0, 3 and 6 hours and injected into 5.6 ml pre-
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evacuated exetainers. The headspace volume and pressure was maintained throughout the 
experiment by replacing the removed gas with a 10:1 argon:acetylene mixture after each 
sampling time.  
6.2.2.6 Statistical Inference 
 
The responses between the sand and gravel sediments for each incubation experiment were 
tested for significant differences using a Welch’s Two Sample t-test or the non-parametric 
equivalent (Wilcoxon Rank Sum Test) where the assumptions of normality and equal 
variance were violated.  
The effect of reach and season on nitrogen cycling was inferred using a linear mixed-effects 
model fitted using the residual maximum likelihood in the nlme package in R. The data were 
nested by season to account for the sampling repetition in time and were shifted and 
transformed where the residuals did not fit the Gaussian assumption. The model was fitted 
both with (Equation 1) and without (Equation 2) the interaction between reach and season. 
                                        𝑦𝑖𝑗𝑘 =  𝜇 + 𝛼𝑖 + 𝛽𝑗 + (𝛼𝛽)𝑖𝑗 + 𝛾𝑘 + 𝜀𝑖𝑗𝑘,                                  (1) 
where 𝑦𝑖𝑗𝑘 is the observation for reach 𝑖, season 𝑗 and sample 𝑘;  𝜇 is the mean of  𝑦;  𝛼𝑖 is 
the fixed effect for reach 𝑖; 𝛽𝑗 is the fixed effect for season 𝑗; (𝛼𝛽)𝑖𝑗 is the interaction fixed 
effect for reach 𝑖 and season 𝑗; 𝛾𝑘~𝑁(0, 𝜎𝛾
2) is the random event for the sample and 
𝜀𝑖𝑗𝑘~𝑁(0, 𝜎
2) is the residual. 
                                       𝑦𝑖𝑗𝑘 =  𝜇 + 𝛼𝑖 + 𝛽𝑗 + 𝛾𝑘 + 𝜀𝑖𝑗𝑘,                                                   (2) 
where 𝑦𝑖𝑗𝑘 is the observation for reach 𝑖, season 𝑗 and sample 𝑘;  𝜇 is the mean of  𝑦;  𝛼𝑖 is 
the fixed effect for reach 𝑖; 𝛽𝑗 is the fixed effect for season 𝑗; 𝛾𝑘~𝑁(0, 𝜎𝛾
2) is the random 
event for the sample and 𝜀𝑖𝑗𝑘~𝑁(0, 𝜎
2) is the residual. 
The Akaike Information Criterion (AIC) was used to compare the models and the model with 
the lowest AIC was used. 
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6.2.3 Field Experiments 
 
6.2.3.1 Water Sampling 
 
Porewater samples were collected manually at 10 and 20 cm depth from multilevel 
piezometers installed into the streambed at three locations (Figure 6.1), in July 2016, October 
2016, January 2017 and March 2017. A surface water sample was taken in each reach at the 
same time as porewater sampling. The pH (Hanna HI98129), electrical conductivity (Hanna 
HI98129), DO (YSI ProODO or EcoSense ODO200) and temperature (YSI ProODO or 
EcoSense ODO200) of the samples were measured immediately. Water samples were then 
filtered (0.45 and 0.22 m Thames Resteck nylon) into sterile centrifuge tubes and frozen 
until analysis. 
DET gels were co-located with the piezometers in reaches 1 and 2, and were deployed at least 
72 hours prior to sampling to allow equilibration of the natural conditions and the DET gel 
with the surrounding porewater58. DET gels were removed at the time of porewater sampling 
and sliced at 2.5 cm within 25 minutes. Gel slices were then placed into sterile centrifuge 
tubes and cooled until processing. 
6.2.3.2 Gas Sampling 
 
A headspace equilibrium method was used to create gas samples from the porewaters. 7 ml of 
water sample was shaken vigorously for two minutes with 14 ml of ultrapure helium. The 
headspace was then collected in a pre-evacuated exetainer (12 ml) and stored at room 
temperature, in the dark, until analysis. 
6.2.3.3 Processing of DET gels 
 
DET gels were weighed and multiplied by the assumed water content of the saturated gel 
(95%), to determine the volume of water in each gel slice. 5 ml of ultrapure water (18.2 M) 
was then added to each gel and the gels were shaken for 24 hours on ice, on a reciprocating 
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shaker to back-equilibrate the solute from the gel. The resulting solution was then frozen until 
analysis.   
6.2.3.4 Ammonium, Nitrate and Nitrite Analysis 
 
Nutrient concentrations in the surface water, porewater and gel samples were analysed on a 
continuous flow analyser (Skalar San++), and standards of 0.58, 1.00 and 1.00 mg N L-1 were 
ran for Ammonium, Nitrate and Nitrite, respectively. These resulted in an accuracy and 
precision of 0.03 and ±0.05 mg NH4+-N l-1, 0.06 and ±0.05 mg NO3--N l-1, and 0.02 and 
±0.005 mg NO2--N l-1, respectively. The LOD was 0.05, 0.02 and 0.02 mg N l-1, for 
Ammonium, Nitrate and Nitrite, respectively. 
6.2.3.5 Gas Sample Analysis 
 
N2O concentrations within the gas samples of both the incubation and field experiments were 
measured using a GC (Agilent 7890A) fitted with a micro electron capture detector (ECD). 
Laboratory and July field samples were analysed using a 1 ml sample loop in splitless mode, 
with an oven temperature of 60ºC, and an ECD temperature of 350ºC. A make-up gas of 
argon and methane was used with a flow rate of 2 ml min-1, and a run time of 9 minutes was 
used, with N2O eluted at 7 minutes. The LOD was 0.08 ppm, and a 6.2 ppm standard resulted 
in an accuracy of 0.1 ppm and a precision of ±0.2 ppm. All other field samples were analysed 
on a GC-ECD in splitless mode with a 250 l sample loop, an oven temperature of 30ºC and 
an ECD temperature of 300ºC. A makeup gas of N2 with a flow rate of 30 ml s-1 was used, 
with a run time of 5 minutes resulting in N2O eluting at 3 minutes. The LOD was 0.01 g l-1, 
and a standard of 9.71 ppm resulted in an accuracy of 0.10 ppm and a precision of ±1.75 
ppm.  Henry’s constant was used to determine the porewater concentration for all field 
samples59,60. 
 15NNO3- and 18ONO3- Analysis 
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The nitrate isotope analysis was performed at the Analytical Facilities, University of East 
Anglia using the denitrifier method61,62. Isotope analysis was performed by converting NO3- 
within the sample to N2O using denitrifying bacteria, the isotopic signature of the N2O was 
then measured, with a measurement limit of 2 M NO3-. The long-term measurement 
precision was ±0.3 and ±0.4‰ and the accuracy was 0.0 and 0.0‰ for 15NNO3- and 18ONO3-, 
respectively. International isotope reference materials IAEA-NO3-, USGS-34, and USGS-35 
were used as standards and resulted in 15NNO3- ratios of +4.69, -1.88 and +3.83‰, 
respectively, with a measurement precision of ±0.14, ±0.11 and ±0.19‰, and 18ONO3- ratios 
of +25.61, -28.17 and 57.09‰, respectively, with a measurement precision of ±0.19, ±0.37 
and ±0.59‰.  
6.3 Results 
 
6.3.1 Influence of sediment type on microbial activity and denitrification potential 
 
FDA hydrolysis, a proxy for total microbial activity, was greater in the sand (1.35 mg 
fluorescein kg-1 soil hr-1) than gravel (0.36 mg fluorescein kg-1 soil hr-1) sediments (Figure 
6.2a), whereas phenol oxidation, a proxy for the uptake of recalcitrant phenolic organic 
compounds, was greater in the gravel (2.76 mol dopachrome g-1 soil hr-1) than in the sand 
(1.70 mol dopachrome g-1 soil hr-1) sediments (Figure 6.2b). 
 
Figure 6.2a. The total microbial activity in sand and gravel sediments, expressed in mg 
fluorescein kg-1 h-1, b. Phenol oxidation activity in sand and gravel sediments, expressed in 
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mol g-1 h-1, and c. The denitrification potential of sand and gravel sediments under various 
conditions, expressed in g N2O-N g-1 h-1. 
Potential rates of denitrification were greater in the sand than the gravel across all treatments 
(Figure 6.2c). The control experiments, indicative of conditions within the streambed, 
resulted in denitrification potentials which were almost 10 times greater in the sand than the 
gravel sediments (0.026±0.004 N2O-N g g-1 h-1 for sand and 0.003±0.003 N2O-N g g-1 h-1 
for gravel). Denitrification potentials in the sand sediments of the nitrate-spiked samples 
increased to 0.042±0.025 N2O-N g g-1 h-1, however, in the gravel sediments, the 
denitrification potential showed no increase over that of the control (0.003±0.001 N2O-N g 
g-1 h-1). Addition of C did not result in larger denitrification potentials in both sediment types 
(0.004±0.004 N2O-N g g-1 hr-1 for sand and 0.001±0.001 N2O-N g g-1 hr-1 for gravel). The 
mixed substrate experiment, indicative of ideal denitrification conditions with reference to 
electron donor and acceptor availability, resulted in larger denitrification potentials within the 
sand sediment (0.134±0.092 N2O-N g g-1 hr-1), which were 10 times greater than within the 
gravel sediments (0.0134±0.003 N2O-N g g-1 hr-1). 




Ammonium concentrations in the surface water were low and decreased downstream in 
Winter and Spring (Figure 6.3), with lowest concentrations found in Autumn. 
Porewater ammonium concentrations were greatest in reaches 1 and 2, which was consistent 
across all seasons (Figure 6.3). Ammonium concentrations were highest in Autumn, 
especially in reach 2, and were lowest in Winter and Spring.  
Ammonium concentrations within the DET gels generally increased with depth, and this was 
most pronounced in gels 1 and 4 (Figure 6.4). There was considerable variation in profiles 




Figure 6.3. Porewater NH4+-N concentrations at 10 (black) and 20 (grey) cm depth, with 
surface water concentrations for each reach shown with a blue line. The black arrow 









NO3- concentrations in the surface water generally showed little variation between reaches, 
however, they decreased downstream in Spring (Figure 6.5), with maximum concentrations 
observed in Winter and Spring. 
Porewater nitrate concentrations were generally highest in reaches 1 and 3, and lowest in 
reach 2, which was consistent across all seasons (Figure 6.5). Variation in nitrate 
concentrations between seasons was low. 
 
Figure 6.5. Porewater NO3--N concentrations at 10 (black) and 20 (grey) cm depth, with 
surface water concentrations for each reach shown with a blue line. The black arrow 
represents direction of surface flow from upstream to downstream.  
Nitrate concentrations within the DET gels decreased with depth, so that concentrations were 
similar between locations and seasons below 5 cm (Figure 6.6). Concentrations above 5 cm 
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in gels 1-4 were generally greatest in Winter and lowest in Autumn. When comparing gels in 
reaches 1 and 2, there appeared to be less variation with depth in reach 2, especially in the top 
5 cm. 
 




NO2- concentrations in the surface water decreased downstream in Summer and increased 
downstream in Winter (Figure 6.7), with maximum concentrations observed in Spring in all 
reaches. 
Porewater nitrite concentrations were greatest in reach 3, with low concentrations found in 
both reaches 1 and 2, which was consistent across all seasons (Figure 6.7). Nitrite 
concentrations varied greatly between seasons in reach 3, with concentrations highest in 





Figure 6.7. Porewater NO2--N concentrations at 10 (black) and 20 (grey) cm depth, with 
surface water concentrations for each reach shown with a blue line. The black arrow 
represents direction of surface flow from upstream to downstream.  
6.3.2.4 Nitrous Oxide 
 
N2O concentrations in the surface water were generally similar in reaches 1 and 2, and lower 
in reach 3 (Figure 6.8), with maximum concentrations observed in Winter and minimum 
concentrations observed in Summer.  
Porewater N2O concentrations were greatest in reaches 1 and 3, with concentrations in 
Autumn elevated in reach 3 compared to reach 1 (Figure 6.8). N2O concentrations did not 






Figure 6.8. Porewater N2O concentrations at 10 (black) and 20 (grey) cm depth, with surface 
water concentrations for each reach shown with a blue line. The black arrow represents 
direction of surface flow from upstream to downstream.  
 15NNO3-+NO2- 
 
15NNO3-+NO2- ratios in the surface water were similar in all reaches, and did not vary greatly 
throughout the year (Figure 6.9). 
Porewater 15NNO3-+NO2- ratios were generally highest in reach 3, which was consistent across 
all seasons, but less pronounced in Winter (Figure 6.9). In reach 3, ratios varied greatly with 
season, with lowest ratios found in Winter.  
 18ONO3-+NO2- 
 
18ONO3-+NO2- ratios in the surface water were similar in all reaches except reach 1 in Autumn, 
and did not vary greatly throughout the year (Figure 6.10). 
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Patterns in porewater 18ONO3-+NO2- ratios were not very pronounced but were generally 
lowest in reach 1 and highest in reach 3 (Figure 6.10). 18ONO3-+NO2- ratios did not vary 
greatly with season.  
 
Figure 6.9. Porewater 15NNO3-+NO2- ratios at 10 (black) and 20 (grey) cm depth, with surface 
water concentrations for each reach shown with a blue line. The black arrow represents 
direction of surface flow from upstream to downstream.  
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Figure 6.10. Porewater 18ONO3-+NO2- ratios at 10 (black) and 20 (grey) cm depth, with 
surface water concentrations for each reach shown with a blue line. The black arrow 
represents direction of surface flow from upstream to downstream. 
6.3.2.7 Carbon:Nitrogen 
 
The C:N ratios in the surface water were low and did not vary greatly between reaches or 
season (Figure 6.11). C:N ratios in the porewaters of the piezometers were below 40.2, 
except at 10 cm in piezometer 14 during Autumn, where the C:N ratio was 404.8 (Figure 
6.11). C:N ratios were generally highest in reach 2, and lowest in reach 3, which was 
consistent across all seasons but more pronounced in Autumn and Winter. C:N ratios showed 
little variation between seasons in reaches 1 and 3, whereas there was greater variation in 
reach 2. 
 
Figure 6.11. Porewater C:N ratios at 10 (black) and 20 (grey) cm depth, with surface water 
ratios for each reach shown with a blue line. The black arrow represents direction of surface 




6.4.1 Influence of sediment type on microbial activity and denitrification potential  
 
The greatest extracellular enzyme activity was not observed in the same sediment type for 
both assays. Extracellular FDA hydrolysis activity was significantly greater (p-value = 0.004, 
Table 6.2) in the sand sediments, whereas, extracellular phenol oxidase activity was 
significantly greater (p-value = 0.032, Table 6.2) in the gravel sediments. This indicates that 
the quantity and quality of C differed between the two sediment types, with the C quality and 
quantity greatest in the sand sediments. The FDA hydrolysis activity also suggests that 
organic carbon turnover and decomposition rates were greatest in the sand sediments, 
resulting in the sand sediments being characterised by greater total microbial activity than the 
gravel sediments51. The gravel sediments, however, were characterised by greater rates of 
microbial decomposition of aromatic phenolic compounds than the sand sediments. This 
indicates that the C utilised by microbes was more aromatic, and therefore less bioavailable, 
in the gravel than the sand sediments. The uptake of aromatic phenolic compounds provides 
microbes with nutrients, as well as C, and particularly indicates the mining of organic N 
where N availability is low52. This was contradictory to the in-situ data, where nitrate 
concentrations were relatively high in the gravel sediments. 
Table 6.2. Details of the statistical analysis performed for the laboratory incubation 
experiments comparing responses in the sand and gravel sediments. Significant p-values are 




The denitrification potential was greater in the sand than the gravel sediments under all 
treatment conditions, with the control experiments (where no additional substrate was added) 
indicating that in-situ denitrification was significantly greater in the sand than gravel 
sediments (p-value = 0.036, Table 6.2). The nitrate-spiked incubations resulted in a large 
increase in denitrification potential in the sand sediments, but no response in the gravel 
sediments, when compared to the controls, resulting in significantly different denitrification 
potentials (p-value = 0.008, Table 6.2). This showed that denitrification was nitrate limited in 
the sand sediments only, as has been observed previously at <2 mg NO3--N l-1 63, again 
suggesting that in-situ denitrification was greatest in this sediment type, and likely almost to 
completion. The large increase in denitrification potential observed in the nitrate- and carbon-
spiked experiments suggests that, under optimal conditions, the microbial communities 
within both sediment types were able to attenuate more nitrate than is currently denitrified in 
the stream. This resulted in denitrification potentials within sand sediments 10 times those in 
gravel sediments, which were significantly greater (p-value = 0.008, Table 6.2), again 
confirming that sand sediments are able to support greater rates of microbial respiration and 
denitrification. 
Surprisingly, given that carbon may limit microbial denitrification in the HZ64,65, the carbon-
spiked experiments did not result in enhanced denitrification potentials, resulting in no 
significant difference between the two sediment types (p-value = 0.193, Table 6.2). This 
suggests the limitation of denitrification by other factors, which in this case was nitrate, given 
that the denitrification potentials were enhanced in the nitrate-spiked experiments.  
The greatest total microbial activity and denitrification potentials, therefore, were found in 
the sand sediments representative of reaches 1 and 2, where residence times and anoxic 
conditions were expected to be greatest19,54,66. This indicates that microbial respiration and 
nitrate attenuation is greater in sand than gravel sediments. The uptake of more recalcitrant 
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carbon, such as aromatic compounds, was greatest in the gravel sediments. This suggests that 
the microbial community within the gravel sediments of reach 3 were adapted to less 
bioavailable carbon. 
6.4.2 Influence of reach (sediment type) and season on nitrogen cycling 
 
NH4+ concentrations in the surface water were low or similar to NH4+ concentrations found 
previously in streams of agricultural catchments1,12,67–69. Porewater NH4+ concentrations were 
highest in reach 2 and lowest in reach 3, resulting in much larger concentrations in the sand 
sediments of reach 2 than are typically found in agricultural streams1,12,68. Concentrations 
similar to those observed here, however, have been reported previously68. The persistence of 
such large NH4+ values year-round is likely due to leaching from the large amount of leaf 
litter entering the stream in reach 2, which could be buried in the sediments. This is also 
indicated by the enhanced NH4+ concentrations in the streambed relative to the surface water 
in reaches 1 and 2, indicating that these sand sediments are a source of NH4+. NH4+ 
concentrations in the porewaters of reach 3 were very low, which is likely due to increased 
nitrification in these typically well-oxygenated gravel sediments. 
Concentrations of NO3- within the surface water were large compared to those generally 
observed in agricultural streams1,12,19,67–70, however, greater concentrations have been 
observed71. Porewater concentrations, however, were typically similar to or lower than those 
observed previously. The low concentrations found within reach 2 were similar to those 
found previously in a gravel bar12, whereas the larger concentrations found in reaches 1 and 3 
were similar or slightly lower than those found in both vegetated and unvegetated 
sediments1,19,68,70. Surface water NO3- concentrations were greater than in the porewaters of 
all reaches, indicating that the streambed here was acting as a nitrate sink year-round, and 
suggesting denitrification occurred within the sediments. There was a seasonality to the 
nitrate concentrations observed, which were greater in Winter and Spring, when microbial 
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activity is expected to be lowest6, with this seasonal pattern most pronounced in the surface 
waters.  
 
Figure 6.12. A conceptual figure of the processes occurring in the surface water and 
porewaters of the three study reaches. Nitrogen species are shown in blue where they 
occurred at high concentrations, processes are represented by ‘thin’ arrows and labelled in 
bold, and transportation is represented by ‘thick’ arrows. 
The porewaters of the three study reaches were characterised by varying concentrations of 
nitrogen species, resulting in differing degrees of denitrification (Figure 6.12). Relatively 
large concentrations of nitrate in the porewaters of reaches 1 and 3 were initially unexpected, 
given predictions that denitrification would be greater in the sand sediments of reaches 1 and 
2, than the gravel sediments of reach 3. This prediction was due to typically enhanced 
residence times and anoxia in sand than gravel sediments66,19,54, and greater denitrification 
potentials observed in the sand sediments. The spatial pattern, however, can be explained by 
nutrient spiralling through the sand sediments of large inputs of nitrogen from the agricultural 
land upstream of the study site, leading to a reduction in nitrate between reaches 1 and 2. The 
low denitrification potential of the gravel sediments of reach 3, coupled with increased 
nitrogen inputs downstream of reach 2 (e.g. leaf litter and run-off), produced large nitrate 
concentrations able to persist within the gravel sediments. This resulted in nitrate 
concentrations being significantly different between reaches (p-value = 0.009, Table 6.3).  
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Table 6.3. Results of the statistical analysis results from the linear mixed-effects modelling, 
significant p-values are shown in bold.  
 
Nitrate concentrations within the sand sediments of reach 2 were very low (<2.56 mg NO3--N 
l-1), suggesting rates of denitrification within these sand sediments were high leading to 
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almost complete NO3--depletion. This reflects the nitrate limitation on denitrification 
potentials that we observed within the sand sediments in the laboratory experiments. 
Further evidence for denitrification within the sediments of reaches 1 and 2 was observed in 
the vertical profiles of NO3- within the DET gels, which showed large decreases in nitrate at 
depths greater than 5 cm. This indicates that surface water nitrate was attenuated within 5 cm 
of the surface water-sediment interface, supporting the presence of denitrification in reaches 
1 and 2. The decrease in nitrate with depth in the gels, was coupled with an increase in 
ammonium with depth, which supports previous findings that the majority of biogeochemical 
activity and nutrient cycling occurs within the top few centimetres of the streambed72–74. This 
decrease in NO3- with depth was also reflected in the piezometers where concentrations were 
generally greater at 10 cm than 20 cm.  
Evidence of denitrification, as well as the extent of completion, was also found by 
considering concentrations of nitrogen species (NO2- and N2O) that are intermediate products 
of denitrification30. NO2- concentrations were relatively low within the sand sediments of 
reaches 1 and 2, indicating that denitrification was more complete in the sand than gravel 
sediments, and NO2- concentrations were significantly different between reaches (p-value = 
0.000, Table 6.3). The relatively large NO2- concentrations observed in the gravel sediments 
could result from incomplete denitrification or nitrification; given that we do not have any 
information on nitrification rates, the process resulting in these high NO2- concentrations 
cannot be determined. The sediments of reaches 1 and 2 generally had lower concentrations 
of NO2- than in the surface water, and therefore, were acting as a nitrite sink, whereas 
concentrations within the sediments of reach 3 were often greater than within the surface 
water, therefore, primarily acting as a NO2- source in Summer, Autumn and Winter. This was 
linked to the large seasonality in NO2- concentrations within the sediments of reach 3, which 
was not observed within reaches 1 and 2, with NO2- concentrations lowest in Winter and 
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Spring, presumably reflecting the expected lower reactivity’s, and greater observed NO3- 
concentrations, during these times. The spike in NO2- concentrations in Autumn in reach 3 
may also be linked to the increase in NH4+ inputs into reach 2 during this time. 
Evidence for partial denitrification in reach 3 was also observed in the N2O data, where 
relatively large concentrations of N2O were observed, with N2O concentrations significantly 
different between reaches (p-value = 0.000, Table 6.3). This is consistent with the relatively 
low microbial activity and denitrification potential determined in the gravel sediments, 
indicating that partial denitrification was expected. These high N2O concentrations in the 
gravel sediments support previous research which found increased N2O production associated 
with high nitrate concentrations and low organic carbon reactivity21. The concentrations of 
N2O in reach 1 were similar to those in reach 3 during Winter, indicating that denitrification 
was only partially complete in those sediments at that time. The concentrations of N2O within 
the porewaters of reach 2 were generally low, providing further evidence of complete 
denitrification within the sand sediments of this reach. This finding is further substantiated by 
the greater denitrification potential of the sand sediments. Similar to NO2- concentrations, 
there was a large seasonal variation in N2O concentrations in reach 3, where N2O was 
greatest in Autumn, again reflecting an increase in substrate due to leaf fall and a subsequent 
increase in denitrification. This was contradictory to previous research, which did not find 
any significant difference in seasonal N2O concentrations in streambed gravel sediments75. In 
the surface water, N2O concentrations were greatest in the Winter and Spring, which did not 
correlate with the nitrate data, however, this could be due to an increase in N2O saturation 
concentration at lower stream water temperatures76. 
Large values of 15NNO3-+NO2- and 18ONO3-+NO2-, indicative of denitrification77 due to isotopic 
fractionation, were found in the porewater and gel samples of all reaches, and supported the 
evidence for denitrification observed in the concentration data. Contrary to the concentration 
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data, however, the largest 15NNO3-+NO2- and 18ONO3-+NO2- ratios were found in the gravel 
sediments of reach 3, which were significantly larger than those in reaches 1 and 2 (p-value = 
0.000 and 0.000, respectively, Table 6.3), suggesting that rates of denitrification were 
greatest in these sediments.  
The larger 15N:18O ratios observed in reach 3 may be due to source rather than process 
influence, however, 15NNO3-+NO2- and 18ONO3-+NO2- ratios in the surface water were 
consistently similar between reaches and seasons, except in reach 1 in Autumn, which had a 
slightly higher 18ONO3-+NO2- ratio. This suggests that the source of nitrate and the processes 
affecting nitrate concentrations were not significantly different in the surface water between 
reach and season. Therefore, most processes affecting nitrate concentration likely occurred 
within the sediments. It is possible that the gravel sediments of reach 3, which were typically 
characterised by greater subsurface fluxes (Table 6.1), received a different subsurface input 
of enriched nitrate, which was already enriched in 15NNO3-+NO2- and 18ONO3-+NO2-. 
Furthermore, average isotopic ratios for each reach and the gel samples did have 15N:18O 
ratios indicative of denitrification (Figure 6.13), despite values being greatest in reach 3, 
providing further evidence of denitrification in all reaches of the streambed of the Wood 
Brook. Although, it should be noted that these diagrams are based on global data and so it is 
necessary to fully characterise the isotopic values of local sources to accurately interpret 
source and process information.  
Additionally, the denitrifying method used in the isotopic analysis measures 15NNO3-+NO2- 
and 18ONO3-+NO2- in both nitrate and nitrite61,62, therefore, samples in which the ratio of NO2-
:NO3- was high may be influenced by 15NNO2-. Samples with a ratio greater than 5% 
accounted for many of the extreme values of 15NNO3-+NO2- observed, and although the 
remaining samples still resulted in higher 15NNO3-+NO2- ratios in the porewaters of reach 3, 
the difference between the sand and gravel sediments was greatly reduced. 
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Figure 6.13a. Average porewater isotopic ratios per reach from the multilevel piezometers, 
as well as surface water isotopic ratios, plotted onto ‘Kendall diagrams’ of typical global 
isotopic ratios of sources and processes30, and b. Porewater isotopic ratios from the DET 
gels plotted onto ‘Kendall diagrams’ of typical global isotopic ratios of sources and 
processes30. 
The high NO3- and low NO2- and N2O concentrations observed in Winter and Spring suggest 
that denitrification was lowest during these seasons, with the seasonal influence statistically 
significant for all species (p-value = 0.004, <0.006 and <0.003, respectively, Table 6.3). High 
NO2- and N2O concentrations observed in reach 3 in Autumn, indicated large rates of 
denitrification in the gravel sediments during that time. This increase in denitrification from 
Winter to Autumn was also evidenced in the 15NNO3-+NO2- and 18ONO3-+NO2- ratios, which 
increased significantly (p-value = 0.040 and 0.001, respectively, Table 6.3) from Winter to 
Autumn and was particularly clear in the gravel sediments of reach 3. This seasonality is 
likely due to increased biogeochemical activity as temperatures increase in Summer6, and 
nitrogen inputs increase in Autumn.  
The concentration data indicates that denitrification was greatest in the sand sediments of 
reach 2, where nitrate was almost completely depleted, and NO2- and N2O concentrations 
were low. This was also suggested by the largest average porewater 15NNO3-+NO2- and 
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18ONO3-+NO2- ratios, which occurred in reach 2 in Autumn (Figure 6.13). Partial 
denitrification was most prevalent in the gravel sediments of reach 3, where NO3-, NO2- and 
N2O concentrations were all high. This reflects the results of our incubation experiments in 
which the sand sediments were characterised by greater rates of microbial activity and 
denitrification potential than the gravel sediments, and was expected given the greater 
residence times and anoxic zones associated with sand sediments19,54,66. Our results indicate 
that nitrate reduction is greatest in sand sediments, but that production of the GHG, N2O, is 
greatest in gravel sediments.  
6.4.2.1 Streambed N2O Concentrations 
 
Unlike with the other major GHGs, CO2 and CH475, streambed concentrations of N2O were 
not consistently elevated over surface water concentrations in all reaches. In reach 3, this was 
observed and the concentration of N2O was greater in the sediment than the surface water, 
suggesting these gravel sediments may be a source of N2O into the stream, and subsequently, 
the atmosphere. This is consistent with previous research, which found significant N2O 
production associated with intermediate residence times21, that are often found in gravel 
sediments. However, in the sand sediments of reaches 1 and 2, N2O concentrations were 
consistently lower than those in the stream, indicating that the sand sediments were not a 
source of N2O to the stream. This observation of lower N2O production in sand (typically low 
in DO) vs gravel (typically higher in DO) sediments contradicts previous research, which 
found low oxygen concentration was the primary control on N2O production, exhibiting 
threshold responses76. Although surface water N2O concentrations observed here were similar 
to many previous observations in agricultural streams and rivers69,75,78–80, many previous 
observations were much greater81–83. This, therefore, indicates that the importance of N2O 





Denitrification was strongly controlled by sediment type, with sand sediments characterised 
by greater rates of denitrification than gravel sediments. This resulted in partial 
denitrification, and associated high concentrations of N2O, in the gravel sediments. Our 
results, therefore, indicate that nitrate reduction is greatest in sand sediments, however, 
production of the GHG, N2O, is greatest in gravel sediments.  
Additionally, season also controlled denitrification, with rates increasing from Winter to 
Autumn. Our results have important consequences for management strategies, suggesting that 
increases in sand sediments may improve water quality within agricultural streams, without 
compromising efforts to reduce anthropogenic GHG fluxes into the atmosphere. 
Further work to fully constrain the drivers of denitrification and N2O production within 
streambed sediments, and subsequent contributions to atmospheric fluxes, is required. This is 
especially crucial given the estimated importance of agricultural streams and rivers in the 
global N2O cycle, and predictions that N2O fluxes will increase in the future due to increased 
nutrient loading and temperature, and changes in land use76. 
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Chapter 7: Conclusions and Future Outlook 
7.1 Conclusions 
The work presented here aimed to investigate knowledge gaps in streambed carbon and 
nitrogen cycling, focussing on a lack of adequate sampling techniques as well as 
investigating controls on biogeochemical processes. The first aim of addressing a paucity of 
sampling methodologies and standard sampling protocols across disciplines was successfully 
addressed. This was achieved through the development of a novel high-resolution 
methodology capable of sampling nitrate concentration and isotopic data at a vertical 
resolution up to 1 cm in the upper 15 cm of the streambed, and through a combined review 
and comparison study of available techniques.  
Laboratory experiments confirmed that nitrate isotopes did not fractionate on diffusion into 
or out of DET gels during sampling or subsequent back-equilibration, with 15NNO3- and 
18ONO3- ratios independent of nitrate concentration and equilibrium time. Results from an 
initial field application demonstrated the potential of this methodology, allowing profiles of 
porewater nitrate concentration and isotopic data to be determined at a vertical resolution not 
previously achievable. The field application also demonstrated the power of this 
methodology to prevent incorrect interpretation of biogeochemical processes resulting from 
consideration of concentration data alone. This methodology, therefore, adds to the 
technologies available for streambed sampling, enabling increased understanding of key 
mechanistic processes at the sediment-water interface in freshwater environments. 
Nitrate and ammonium profiles obtained from three biogeochemical streambed sampling 
techniques (multilevel minipiezometers, USGS Minipoint samplers and DET gel samplers) 
were compared and resulted in statistically different ammonium concentrations between all 
three samplers. This variation is suggested to arise from the differences between active and 
passive samplers, and the varying depth-resolution between USGS Minipoint samplers and 
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multilevel minipiezometers. These differences in nutrient concentrations, as well as the 
review of available sampling methodologies examined here, should allow research questions 
to be answered more effectively, using the most appropriate methodology based on its 
performance, temporal and spatial resolution, and advantages and limitations.  
The advance of targeted sampling methodologies and standard sampling protocols is crucial 
to the success of interdisciplinary research focused on streambed biogeochemical processes. 
Samplers able to achieve a high spatial resolution in the upper few centimetres of the 
streambed, where the majority of biogeochemical activity occurs, allow key processes to be 
identified and examined. Samplers with a coarser resolution, but able to sample at larger 
depths, however, remain a valuable tool for the investigation of larger scale processes and the 
influences of groundwater at greater depths.  
The second aim to explore environmental controls on streambed carbon and nitrogen cycling, 
and associated GHG production, was successfully addressed. This was achieved by 
advancing knowledge on the variation of the thermal sensitivity of streambed carbon 
emissions with sediment properties, and the influence of sediment type and season on 
streambed biogeochemical cycling in an agricultural stream. 
Laboratory incubation experiments showed that the thermal sensitivity of streambed CO2 and 
CH4 emissions was heavily dependent on streambed geology and sedimentology, with 
substrate, OM content and geological origin causing large variations in the magnitude of the 
carbon flux. This indicates that local variation in sediment properties has a key influence on 
streambed carbon emissions, with emissions exhibiting non-linearity and threshold responses 
to temperature, which varied between sediment type and geological origin. This has wide 
implications for predicting future carbon emissions from streams and rivers, with streambed 
heterogeneity necessary to consider. It is also, therefore, necessary to consider streambed 
production when estimating carbon fluxes from freshwater ecosystems, with projected 
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changes in climate and land-use likely to have a great effect on future carbon fluxes from 
streams and rivers.   
Further to the influence of sedimentology on carbon emissions observed during laboratory 
incubation experiments, sediment type exhibited a large control over in-situ streambed CO2 
and CH4 concentrations. Carbon turnover and subsequent concentrations of CO2 and CH4 
were greater in sand than gravel sediments, with the largest in-situ CO2 production occurring 
in the sand sediments. Despite temperature having a large control on CO2 and CH4 emissions, 
season produced little variation in streambed CO2 and CH4 concentrations, with an 
insignificant effect on CO2 observed. This resulted in large concentrations of CO2 and CH4 
year-round, which could have wide implications for estimates of annual carbon fluxes from 
small, agricultural streams. Our results suggest that management of agricultural streams to 
reduce sediment loading of fine, OM-rich sediments, which often occurs in these 
environments, and to reduce sand sediment within streams, could reduce the carbon flux from 
streams and rivers. 
Sediment type also exhibited a strong control on nitrogen cycling within the streambed, with 
sand sediments characterised by greater potential rates of denitrification and total microbial 
activity than gravel sediments. Gravel sediments, however, were characterised by greater 
uptake of phenolic compounds for mining of carbon and nitrogen. This resulted in in-situ 
sand sediments with lower concentrations of NO3-, NO2- and N2O than gravel sediments, 
resulting in partial denitrification and associated large concentrations of N2O observed in the 
gravel sediments. Our results indicate, therefore, that nitrate attenuation is greatest in sand 
sediments, leading to improvements in water quality, with N2O production greatest in gravel 
sediments. Additionally, denitrification varied with season, with greatest denitrification 
observed in summer and autumn. Our results have large implications for management 
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strategies, suggesting sand sediments should be utilised to improve water quality through 
nutrient reduction, without increasing the release of the GHG, N2O, into the atmosphere. 
Temperature, sedimentology, geology and season were found to be key drivers of streambed 
carbon and nitrogen cycling, and associated GHG production. The sediment itself played a 
large role in biogeochemical reactivity within porewaters, with variations in substrate, 
sediment type and OM-content resulting in differing rates of cycling and GHG production. 
The observation of high CO2 and CH4 in sand sediments, but high N2O in gravel sediments, 
indicates that managing streambeds to reduce GHG emissions is complex, as reducing sand 
sediments would potentially reduce carbon emissions while increasing nitrogen emissions. 
Small, agricultural streams, characterised by excess nutrient loading and fine, OM-rich 
sediment, were confirmed to support large rates of nitrogen and carbon cycling, and large 
concentrations of GHGs. This is of particular importance given that these environments are 
common throughout large areas of the world, and that temperatures, nutrient loadings and 
fine, OM-rich sediment loadings are expected to increase under future climate and land-use 
scenarios1,2. 
7.2 Future Outlook 
The work presented here addressed the aims of the research and moved towards closing some 
of the gaps in available sampling methodologies and understanding of drivers of streambed 
carbon and nitrogen cycling. However, due to the broad knowledge gap targeted here, 
additional work remains necessary to further improve available sampling technologies and to 
constrain drivers of streambed biogeochemical cycling.  
The study of streambed biogeochemistry has been hampered by a paucity of sufficient 
sampling technologies3–7, however, several advancements have been made recently. These 
include the use of mini-drivepoint samplers8–10, DET gels11–14 and multilevel 
minipiezometers15. As more sampling methodologies, such as the DET-isotope method 
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developed here, and standard protocols emerge, the technical difficulties associated with 
research into streambed biogeochemistry should be overcome. Further work is required, 
therefore, to focus on ensuring sufficient sampling techniques are available, which are able to 
address a variety of research questions at multiple spatial and temporal scales within the 
streambed. For example, the DET-isotope method developed here may be suitable for 
brackish and marine systems, and could present itself as a valuable tool for use in these 
ecosystems, however, the effect of high concentrations of interfering ions will first need to be 
assessed. 
A large amount of previous research has been conducted focussing on streambed carbon and 
nitrogen cycling, however, it is only recently that the role of streams and rivers as globally 
important contributors to GHG emissions has been recognised2,16–24. These observations, 
combined with streambeds known to be hotspots of biogeochemical reactivity25–28 and 
observations of high GHG concentrations within them21–23,29,30, have resulted in an uptake of 
interest in drivers of streambed GHG production and its contribution to total stream GHG 
emissions. Further work to determine the key drivers of streambed nutrient attenuation and 
GHG production is required, and in particular the simultaneous investigation of multiple 
controlling factors is necessary to fully understand biogeochemical processes occurring in the 
streambed. Determining key drivers of nutrient attenuation and GHG production is crucial to 
enable streams and rivers to be managed to maximise the efficiency of nutrient removal from 
the system without increasing GHG emissions to the atmosphere. Additional insight into the 
effect of sand versus gravel sediments on nutrient attenuation and GHG emissions is 
important to further the work presented here, given that the results indicate that sand 
sediments increase CO2 and CH4, but reduce N2O emissions. This also highlights the 
necessity to study multiple biogeochemical cycles simultaneously, which should include the 
integration of the phosphorus cycle as well. Furthermore, the use of stable isotopes as tracers 
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to determine the varying biogeochemical pathways which are present in sand versus gravel 
sediments, and their relative importance may provide further insight into why there are 
differences in biogeochemical cycling between these sediment types. For example, pathways 
of N2O production via denitrification, anaerobic ammonium oxidation and dissimilatory 
nitrate reduction to ammonia, and which are most important can have large implications for 
whether nitrogen is lost from the system or retained. 
A crucial area for future research is to determine the relative importance of streambed GHG 
production to total stream and river emissions of GHGs. Important to ascertain is both the 
proportion of GHG produced in-situ versus that transported laterally or vertically into the 
streambed, and the relative contribution of the benthic GHG flux to overall GHG emissions 
across the surface water-atmosphere interface. This will enable a more complete 
understanding of streambed biogeochemistry to be gained, including whether streambeds 
may sequester carbon through the production of CO2 and CH4, which is not released into the 
overlying water column. Any proportion of the GHG found in streambeds which is 
transported in from the surrounding landscape, may also be sequestered here in the same 
way. Further research into physical conditions affecting benthic emissions of GHGs are, 
therefore, also crucial to determine, which could be used in more effective management 
strategies designed to reduce nutrient pollution as well as GHG emissions in streams and 
rivers. Increased understanding of drivers of streambed nutrient attenuation and GHG 
production should also be considered in the context of future climate change and land-use 
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